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Chromatophores, pigment-bearing cells within the ectodermal layer of hermatypic 
scleractinian coral tissues, are postulated to enhance the photosynthetic activity of 
zooxanthellae symbionts and possibly protect the coral animal from harmful ultraviolet 
(UV) radiation.  Yet connections have not previously been drawn between changes in the 
tissue density of chromatophores and the development of skeletal density bands in 
“apparently healthy” corals (corals with no outward visible indication of distress or 
disease).  An integrated histological and computed tomography x-ray diffraction 
(MicroCT) analysis of the ecological cornerstone coral Montastrea faveolata has been 
completed on the reef tract of the southern Caribbean island of Curaçao across a 1-20 m 
bathymetric transect of increasing water depth (WD) and decreasing photosynthetically 
active radiation (PAR).  This has established the first qualitative and quantitative baseline 
for the extent to which apparently healthy corals respond to changes in WD and PAR, 
thus creating a comparative standard for future evaluation of impacted and diseased 
corals.   
Standard SCUBA diving techniques were used to extract 2.5 cm-diameter and 2 
to 3 cm-deep coral skeleton-tissue biopsies, collected in triplicate from > 1 m-diameter 
heads of M. faveolata within the context of coral reef carbonate depositional facies.  A 
combination of field and laboratory photography, serial block face imaging (SBFI), two-
photon laser scanning microscopy (TPLSM), and three-dimensional (3D) MicroCT image 
analysis was applied, making this the first study to collect and evaluate this suite of data 
within the 3D spatial context of an entire unprocessed coral polyp.  TPLSM was used to 
optically thin section unprocessed tissue biopsies with quantitative image analysis to 
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yield a nanometer-scale 3D map of the quantity and distribution of the symbionts 
(zooxanthellae) and a host fluorescent pigments (chromatophores), which is thought to 
have photo-protective properties, within the context of an entire coral polyp. 
Results have identified a distinct difference in the size and distribution of 
chromatophores in the tissues of M. faveolata at 6 m WD versus 22 m WD, as well as 
site-specific differences potentially driven by environmental and anthropogenic 
influences, which correlate with variations in skeletal density banding patterns.  Taken 
together, this suggests that apparently healthy heads of the coral M. faveolata adapt to 
increasing WD and decreasing PAR by shifting toward a more heterotrophic lifestyle, 
which they decrease zooxanthellae tissue density, increase mucocyte tissue density, and 
decrease chromatophore tissue density, which combine to cause biotically-driven changes 
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INTRODUCTION 
 
Coral reefs are among the most productive ecosystems on the planet.  They provide a 
multitude of resources to humans (Hoegh-Guldberg 1999; U.S.  Commission on Ocean Policy 
2004) and their direct and indirect economic value has been estimated to equate to somewhere 
between $29.8 (Cesar et al. 2009) and $375 billion/year globally (Costanza 1997).  They are also 
critically important reservoirs of biodiversity (Veron 2000), housing thousands of previously 
described species and an estimated 8 million other undescribed species (Reaka-Kudla 1997).  
The skeletons that corals build create a sensitive record of the environmental conditions that 
were present at the time of deposition and thus, provide some of the best high-resolution archives 
of oceanographic conditions from the Paleozoic Era to present (Cohen & McConnaughey 2003; 
2013 IPCC).   
Yet, coral reefs are some of the most threatened marine ecosystems on the planet, with 
~40% already severely damaged and predictions of damage to rise to ~60% by 2030 (Wilkinson 
2000; Wilkinson 2002; 2004 SCRW: GCRMN Report).  Recent coral devastation is driving 
scientists to focus their attention to the monitoring and prevention of coral environmental 
impacts (Gardner et al. 2003).  However, direct causes and affects have been difficult to identify 
and quantitatively measure, due in large part to our incomplete understanding of various parts of 
the coral animal and how it interacts with the many changing components of the marine 
environment.   
Corals have been intensively studied for decades (Veron 2000; Chalker and Taylor 1975; 
Cienkowski 1871; Muscatine 1977; Buddemeier et al. 2004; Rohwer et al. 2002; Brown and 
Bythell 2005; Wild 2005; Schlichter et al.1985; Schlichter et al.1994; Fouke et al. 1996), 
	   2	  
however, surprisingly few of these studies have focused on how to identify a coral as “apparently 
healthy” versus “apparently impacted” or “apparently diseased”.  As a result, a comparative 
baseline for coral health has not yet been well established and thus fundamental questions remain 
regarding how to gauge coral health and thus be able to evaluate adaptive physiological and 
evolutionary relationships.  To effectively establish this apparently healthy coral baseline, key 
cellular and biochemical components of a coral must be identified, measured, and understood in 
the context of the entire coral organism in it’s shallow marine environmental setting.   
The goal of the present study is to create both a qualitative and quantitative baseline in 
order to define what an “apparently healthy” coral is composed of based on cellular density and 
distribution within coral tissues.  This will provide a fundamentally new understanding of the 
“apparently healthy” coral holobiont, defined as the collective community of coral host 
components and cells, bacteria, archaea, fungi, zooxanthellae symbionts, and any unknown 
components that are yet to be discovered (Rohwer et al. 2002).  This baseline is necessary to 
track the multiple responses of the coral holobiont to environmental stress and disease 
development.   
The adaptive physiological relationship between the host coral, its pigment-bearing cells 
(called chromatophores) and coral skeletons is poorly understood for “apparently healthy” 
corals.  Chromatophores have been hypothesized to both enhance the photosynthetic activity of 
zooxanthellae symbionts, as well as to protect the coral animal from harmful UV damage 
(Schlichter et al. 1985; Schlichter et al. 1994).  However, because chromatophores have not been 
intensively studied and remain poorly understood, questions remain regarding the host corals 
ability to regulate the density of chromatophores in response to changes in water depth and 
photosynthetically active radiation.  Scleractinian corals have an extremely important symbiotic 
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relationship with a photosynthetic dinoflagellate (called zooxanthellae), which is housed in the 
coral’s gastrodermal tissue (Fig. 1; Veron 2000; Chalker and Taylor 1975; Cienkowski 1871; 
Muscatine 1977).  This relationship has allowed hermatypic corals to deposit aragonite up to an 
order of a magnitude faster than their non-zooxanthellae counterparts (Stanley and Swart 1995; 
Weber 1973; Weber and Woodhead 1970; Woodhead and Weber 1973) and to persist where 
there is low nutrient availability and high solar intensity at roughly ± 32° latitude (Veron 2000; 
Cohen and McConnaughey 2003).   
This study will track physiological interactions between apparently healthy corals, their 
pigment-bearing chromatophores, and the coral’s ability to secrete density-banded skeletons 
when exposed to environmental gradients.  This was accomplished by testing whether 
Montastraea faveolata adapts to increasing water depth and decreasing photosynthetically active 
radiation by shifting toward a more heterotrophic lifestyle (decreasing zooxanthellae tissue 
density, increasing mucocyte tissue density, and decreasing chromatophores density).  Coral-
chromatophore distribution has previously been analyzed using two-dimensional histology and 
bulk tissue maceration, to characterize the abundance and localization of targeted coral tissue 
components.  This has provided an important yet spatially and temporally limited view of their 
complex interactions.  The present study will be the first to apply a combination of field and 
laboratory photography, two-photon laser scanning microscopy (TP-LSM), micro-computed 
tomography (Micro-CT), and two-dimensional and three-dimensional image analysis.  When 
quantitatively integrated, these analyses have created a submicron-scale three-dimensional 
spatial framework of: (1) coral polyp tissue morphology; (2) the distribution and abundance of 
cells and key biochemical compounds; and (3) the ensuing optimization of light harvesting.  For 
additional information on the coral background, refer to Appendix A 
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 MATERIALS AND METHODS 
 
I.  Experimental Design and Field Sampling	  
The framework building reef coral M. faveolata was studied on the southern Caribbean 
island nation of Curaçao (formerly within the Netherlands Antilles) in May 2013 (Fig. 2).  
Located 65 km north of Venezuela, Curaçao contains a 70 km-long continuous fringing reef tract 
on the leeward coast of the island that has been protected as an underwater national park for 
more than 50 years.  Minimal wave action, a northwest flowing unidirectional long shore current 
and more than 60 years of published research on the coral reefs of Curaçao, have created an ideal 
in situ experimental setting for the present study (Van Den Hoek and Breeman 1978; Bak and 
Luckhurts 1980; Fouke et al. 1996; Frias-Lopez et al. 2002; Klaus et al. 2007; Piggot et al. 
2009).   
 Laboratory and field work was conducted from the facilities of The Center for Caribbean 
Research and Management of Biodiversity (CARMABI; 12° 7'20.00"N, 68°58'7.52"W; 
http://www.carmabi.org).  Three sample sites were chosen for in situ sampling, including: (1) 
Playa Kalki (West Point; 12°22'30.11"N, 69° 9'27.21"W) located on the northwest end of the 
island; (2) Snake Bay (12° 8'21.96"N, 68°59'49.84"W) located on the leeward middle side of the 
island; and (3) Water Plant (12°6'34.63"N, 68°57'14.08"W) located directly offshore from the 
municipal drinking water desalination facility near the capital of Willemstad (Fig. 2).  
Photosynthetically active radiation (PAR) was measured from 0 to 26 m water depth (WD) at 
each of the study sites, as well as directly beside the colonies chosen for coral skeleton-tissue 
biopsies collection.  
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Only “apparently” healthy coral heads of M. faveolata at least 1 m in diameter were 
sampled in order to minimize critical damage and stress to the coral colonies.  “Apparently” 
healthy corals were defined as those living heads that displayed no noticeable signs of disease 
infection, necrotic tissue, discoloration, or bleaching (tissue transparency showing the white 
coral skeleton, which is caused by zooxanthellae expulsion at elevated water temperatures; Frias-
Lopez et al. 2002; Hoegh-Guldberg 1999; Brown 1996).  Specimens of the Caribbean coral 
genus Montastraea were chosen as the model organism for this study because: (1) they are an 
abundant framework-building corals found on the reef tracts surrounding Curaçao and 
throughout the Caribbean Sea, thus they represent a cornerstone species in modern and ancient 
Caribbean coral reef ecosystems (Stanley 1998, 2001; Croquer and Weil 2009; Harvell et al. 
2009); (2) their ecology and physiology has been extensively previously studied (Cruz-Pino et al. 
2003; Lesser 2000; Tomascik 1990; Tomascik and Sanders 1985; Van Vegel and Bosscher 1995; 
Goreau 1977; Goreau et al. 1998; Budd and Klaus 2001); and (3) the M. faveolata genome has 
been completed (Schwartz at al. 2008).   
Coral skeleton-tissue biopsies were collected from colonies growing in situ across a 
bathymetric transect within the context of a coral reef sedimentary depositional facies model 
(James 1979, 1984; Fouke et al. 1996).  A facies is a sedimentary rock deposit representing a 
unique suite of chemical, physical, and biological processes that were active at the time of 
deposition (Fouke 2011).  On the leeward reef tract of Curaçao, corals were sampled from the 
following depositional facies (James 1979;  James 1984;  Frias-Lopez et al. 2002): Back Reef 
(6.6-8.6 m WD), Reef Crest (11.5-15 m WD), and Fore Reef Slope (16.6-22.1 m WD; Fig. 3).  
Sampling for this project was completed within the context of the reef facies model to ensure that 
each coral head was experiencing a similar suite of biological, physical, and chemical 
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environmental conditions during the course of their lifetime, thus allowing direct comparisons at 
different sites along the Curaçao reef tract. 
Using standard compressed air SCUBA diving techniques, coral skeleton-tissue biopsies 
were collected in triplicate.  Biopsies were removed by hammering a 2.5 cm-diameter stainless 
steel C.S. Osborne & CO. arch punch No. 149 (http://www.csosborne.com/NO149.HTM) 
approximately 2 to 3 cm deep into the growing outer surface of each coral. Each M. faveolata 
biopsy was consistently taken from a position of approximately 45° north latitude on the 
hemispherical “globe” of each coral colony.  Immediately upon sampling on SCUBA at depth, 
each coral skeleton-tissue biopsy was transferred from the arch punch to a sterile 50 ml 
polypropylene centrifuge tube flooded with seawater.  Sample biopsies were stored in these 
sealed centrifuge tubes at depth for the duration of the collection SCUBA dive, which varied 
from between 10 to 30 minutes (Fig. 4 and 5).   
After returning to the surface after each dive, all biopsies were immediately submersed 
into one of three fixatives (one biopsy per fixative per head collected) and temporarily stored on 
ice.  The following three fixatives were used: 1) 70% ethanol, 2) 3.7% formalin (10% of 37% 
stock formaldehyde, 90% deionized water), and 3) Carnoy’s solution (volumetric ratio of 6:3:1 
of 200 proof ethanol: chloroform: acetic acid).  The Carnoy’s solution was chilled in a 
refrigerator and stored on ice before fixation.  Biopsies fixed in Carnoy’s solution were stored on 
ice for 12 to 15 hours and vacuum infiltrated using a hand pump and Erlenmeyer flask 
pressurized to 15 Hg for one hour.  After this, the fixative was decanted and replaced with 100% 
ethanol.  Upon arrival back to the labs at CARMABI, biopsies were kept in a dark refrigerator at 
approximately 3°C for the remainder of the trip.  Biopsies remained in these specific fixatives 
while being shipped from Curaçao to the Institute for Genomic Biology (IGB) at The University 
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of Illinois Urbana-Champaign (UIUC) on ice in a dark cooler.  Upon arrival, biopsies fixed in 
Carnoy’s (switched to 70% ethanol in the field before shipping) were decanted and replaced with 
fresh 70% ethanol.  Biopsies in formalin were washed three times for 15 minutes each with 70% 
ethanol and then stored in 70% ethanol.  All fixed samples were placed in a 4°C cooler for 
storage until analysis, at which time all samples originally in formalin, later replaced with 70% 
ethanol, were transferred back into formalin and allowed to sit for at least 7 days before being 
prepared for microscopy.  For additional information on the chemical fixation, refer to Appendix 
B. 
An additional 12 coral skeleton-tissue biopsies were collected and immediately frozen at 
-80oC in the field for metagenomic analysis.  Biopsies were collected in the same manner in 
triplicate from two water depositional facies, Back Reef (5.4-7m WD), and Fore Reef Slope 
(17.5-20m WD), at two of the three dive sites, Playa Kalki and Snake Bay.  As with all other 
collected biopsies, these were stored in these sealed centrifuge tubes in seawater at depth for the 
duration of the collection SCUBA dive.  Upon arrival back at the sea surface, each centrifuge 
tube containing the biopsies were placed in a Taylor-Wharton CXR100 Dry Shipper Dewar 
(Taylor-Wharton-Cryogenics, Theodore, AL, USA) charged to -80°C with liquid nitrogen.  All 
samples were kept in this CXR100 Dry Shipper Dewar for the remainder of the trip for shipment 
from Curaçao to the IGB.  Upon arrival at the IGB, samples were immediately stored in an -80°C 
freezer.   
Temperature measurements were recorded with a hand held standard Fisher alcohol glass 
thermometer protected in a PVC housing and a dive computer (Oceanic San Leandro, CA, USA).  
Measurements were recorded at the sea surface and each time a biopsy was collected.  
Photosynthetically active radiation (PAR) was measured in the field in Curaçao using a LI-COR 
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radiation sensor and recorded with a LI-1400 datalogger (LI-COR BioSciences Inc.  Lincoln, NE 
USA), in a custom clear plexiglass underwater housing (Sexton Photographic; The Sexton 
Company, Salem, OR, USA; Fig. 6).  Light measurements were made in quintuplicate each time 
a biopsy was collected.  Irradiance was also measured in duplicate every 2 m WD while 
descending from 0 to 26 m WD at each of the three dive sites using a dive computer (Oceanic 
San Leandro, CA, USA) to track depth.  Light measurements were taken at variable times of the 
day and in slightly varying weather conditions.  Weather conditions were recorded prior to 
entering and after exiting the water but were not noted during the duration of the dive.  PAR 
measurements were recorded in units of UM (µmol of photons s-1 m-2 per microamp).  
Measurements taken above water were multiplied by -236.23 UM to calibrate for the 
transmission of light within air, while measurements taken underwater were multiplied by -
311.83 to correct for the transmission of light within water (Li-COR LI-1400 manual).  To 
compensate for diurnal variation in surface light intensities, all underwater irradiance were 
expressed as a percentage of the surface reading taken right before descending to depth.  For 
additional information on the LI-CORE data logger and quantum sensor, refer to Appendix C. 
II.  Two-photon laser scanning microscopy 
 
Biopsies fixed in formalin were removed from 4°C storage and gently washed using fresh 
3.7% formalin with a wash bottle.  Biopsies were then positioned upside down on a 0.17 mm-
thick cover glass dish containing solution in which tissues and skeleton were immersed intact.  
Imaging was completed on a Carl Zeiss 710 confocal microscope  (Zeiss LSM 710) with a 
Spectraphysics Mai-Tai Ti-Sapphire two-photon laser (Fig. 7).  Three polyps from each 
individual biopsy were imaged using the two-photon laser scanning microscope (TP-LSM) set at 
780 nm excitation, a scanning speed of 9, line average of 4, and a 10x Plan Neofluar (0.3 NA) 
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objective.  This objective was selected based on the compromise among field of view, resolution, 
working distance, and depth of focus.  Emission images were collected between 454 to 562 nm 
for chromatophore auto-fluorescence and 657 to 750 nm for chlorophyll emissions (Fig. 8).   
Two-photon microscopy, as opposed to single-photon microscopy, was chosen because 
the excitation only occurs at the point of focus through the objective lens, allowing the lasers to 
penetrate deeper into the coral tissue without the loss of excitation photons.  In addition, the laser 
wavelength (780 nm infrared) and pulsed excitation minimizes the amount of light absorption by 
the coral tissues.  Corals secrete a calcium carbonate (CaCO3) aragonite skeleton that does not 
absorb or scatter the light, allowing TP-LSM analyses to be focused on specific targets without 
losing either two-photon excitation light or emission light.   
The TP-LSM tile scan mode was used to create a composite image.  Each tile was sized 
to 2048 x 3072 pixels (1699.55 x 2549.75 µm).  A template of 4 x 6 tiles (each tile with a 
dimension of 512 x 512 pixels and 424 x 424 µm) was used, combining 24 images in a single 
XY focal plane, which created an ultimate pixel resolution of 0.830 µm.  Approximately 100 to 
200 images were taken through the vertical thickness (Z-axis) at a 10 µm interval to optimize 
imagining over the total 1 to 2 mm tissue depth.  The Z-axis depth of each image varied between 
approximately 1 to 2 mm, depending on individual polyp shape and height.  Images were 
collected for each channel in this fashion for a total data volume of approximately 5.1 mm3  µm, 
of which each composite represents approximately 2,400 to 4,800 total images per channel.   
A surpass module of image rendering software program, called Imaris (version 7.0, 
Bitplane, Zurich, Switzerland), was used to integrate the images into an assembled three-
dimensional (3D) projection view of each coral polyp.  Each image was adjusted for the optimal 
saturation threshold using the same protocol.  A two-dimensional (2D) image of the 3D 
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projection was then analyzed using the image analysis software program Axiovision (version 
4.8.10, Carl Zeiss Microscopy).  This software created an algorithm to quantify 2D areas by 
applying an intensity threshold based on red, green, blue (RGB) color values.  Morphometric 
analyses were performed to quantify the area of green pixels (chromatophores) per septum, total 
septum area, septum length, and septum width, which were later converted to dimensions in µm2.  
10 primary septa and 10 secondary septa were analyzed per facies per sample site.   
Each of theses 2D projection was also analyzed in 3D.  In specific, the same 10 primary 
and secondary septa that were analyzed in 2D were analyzed in 3D.  This was done with a set 
standard module volume algorithm within the Imaris software package.  An iso-surface was 
created by thresholding the voxels to create a solid surface pattern that allowed us to record the 
volume of green pixels (chromatophores) per septum and total septum volume, which were later 
converted to dimensions in µm3.  This method also allowed the visualization of the 3D structure 
and shape of coral polyps and septa (Fig. 9). 
III.  Radiography  
 
 A water pick was used for 30 to 50 seconds to remove all tissue from biopsies fixed in 
ethanol.  Each sample was then washed for 3 hours in 10% bleach on a shaker table (New 
Brunswick Scientific, C10 Platform Shaker, Edison, NJ, USA) at a speed of 52 
revolutions/minute to remove excess tissue, algae, and debris.  Each biopsy was then rinsed with 
deionized (DI) water and baked at 65°C for 4 nights until each biopsy was completely dry.  
These biopsies were than sectioned at their thickest part (in the middle) into a 5 mm-thick 
sections using a rock saw (water lubricated, diamond blade tile saw).  Each section of aragonite 
skeleton was air dried for seven days and then radiographed using a large animal digital x-ray 
instrument (GE Advantx, MI, USA) in the Radiology Department of the Large Animal Clinic of 
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the UIUC School of Veterinary Medicine (Fig. 10).  Skeletal sections were placed onto an x-ray 
focus plate at a focal film distance of 101.6 cm (40 in).  Each skeletal section was x-rayed at 70 
killivolt! pascals (k Vp) and 640 milliamps (mA) for an exposure time of 2 milliseconds (ms).   
IV. Computed Tomography 
Skeletal sections were imaged on a radiography microcomputed tomography instrument 
(Xradia Miro-BioCT) at the UIUC Beckman Institute for Science and Technology to reconstruct 
a 3D digital image of the coral skeletal sections (Fig. 10).  The x-ray source and detector settings 
were optimized for the greatest contrast, high-resolution image analyses.  This was accomplished 
by placing each skeletal section 83 mm away from the 0.5 optical magnification lenses and 150 
mm from the x-ray source, allowing for a 30 mm field of view and a pixel size of 34.4 µm.  For 
high contrast images, the energy was set at 80 kV and the power was set to 8 watts, with an 
exposure time of 1 second.  The tomography was conducted at a 0.5° rotation step interval, 
resulting in a total of 761 images per sample.   
Amira imagining software (version 5.4.3, FEI Visualization Sciences Group, France) was 
used to create a 3D reconstruction of each coral skeleton.  All skeletal selection reconstructions 
were first adjusted with a brightness-contrast filter set at level 2 to further enhance the 
reconstructions contrast.  Both the aragonite and pore space comprising each skeletal section was 
digitally identified and labeled with the same protocol for each sample.  Aragonite was identified 
as the voxels, as well as 3D pixels, exhibiting absorption above the set threshold of 40.  This was 
manually adjusted to accurately identify only skeleton, which did not represent either pore space 
or background.  Any voxels set below the set threshold of 40 were labeled pore space (Fig. 11).  
The total skeletal volume as well as the ratio of the volume of aragonite to pore space was 
quantified and recorded using the Amira function termed “Material Statistics”.  The percentage 
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of aragonite was normalized to the total skeletal volume.  Using the 2D radiographs of each 
skeletal section, high-density bands (HDB) and low-density bands (LDB) were successfully 
manually cropped out of reconstructions into separate images.  These images were also analyzed 
for the volumetric ratio of aragonite to pore space, which allowed quantification of changes in 
coral skeletal density between high-density bands and low-density bands.   
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RESULTS 
 
The physical conditions were measured within each of the submarine environments 
(sedimentary depositional facies) in which M. faveolata coral skeleton-tissue biopsies were 
sampled. These included the Back Reef facies (6-8m WD), the Reef Crest facies (11-15m WD), 
and the Fore Reef Slope facies (16-22 m WD; Fig. 3; Table 1;  James 1979;  James 1984).  SST 
was constant at 27° C over all sampled water depths.  A light attenuation PAR curve was 
constructed by collecting irradiance measurements in duplicate in every 2 m of water depth while 
descending from 0 to 26 m WD at each of the three dive sites (Water Plant, Snake Bay and 
Water Plant; Fig. 12).  Both temperature and PAR measurements were taken at somewhat 
different times each day under varying weather conditions (i.e. changing extents of cloudiness, 
variable wind speeds and directions, etc.).  All weather conditions were recorded just prior to 
entering the water, and immediately after exiting the water, however the weather conditions 
could not be monitored at depth on each SCUBA dive.  PAR measurements were recorded in 
units of UM (µmol of photons s-1 m-2 per microamp).  Measurements taken above water were 
multiplied by -236.23 UM to calibrate for the transmission of light within air, while 
measurements taken underwater were multiplied by -311.83 to correct for the transmission of 
light within water (Li-COR LI-1400 manual).  To compensate for diurnal variation in surface 
light intensities, all underwater irradiance were expressed as a percentage of the surface reading 
taken right before descending to depth.   
The irradiance data shows a consistent trend of exponentially decreasing PAR with 
increasing water depth (Fig. 12).  At 10 m WD, approximately 50% of surface irradiance has 
already been lost.  Furthermore, at 25 m WD the penetrating sunlight within the photic zone 
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retains only approximately 25% of the surface irradiance (Fig. 12).  Some variation is noted 
between sample sites, but each individual site exhibits a similar trend with increasing water 
depth.  Anomalously high measurements of sea surface PAR were recorded in 0 to 5 m WD, 
especially at Water Plant and Snake Bay, yet the reasons for these readings are unknown given 
that there were no problems in calibrating the instrument immediately prior to each dive. 
TP-LSM images were analyzed in 2D (chromatophores/µm2 per septum) and in 3D 
(chromatophores/µm3 per septum), which permitted simultaneous 3D visualization of the gross 
morphology and shape of each coral polyp and its septa.  10 primary septa and 10 secondary 
septa were analyzed per facies per biopsy in 2D (Table 2 and 3) and in 3D (Table 4 and 5).  The 
tissue density of chromatophores, septum maximum width, and septum maximum length for 
primary and secondary septa from 2D analysis was graphically represented by both water depth 
and binned by facies (Figs. 13-24).  Differences in chromatophore tissue density from the 2D 
(area) and 3D (volume) analysis were correlated with water depth, site, and the interaction 
between the two using a two-way ANOVA test for both primary and secondary septa.  Depths 
were considered as a continuum instead of representing three distinct categories for statistical 
analysis.   
Results for primary and secondary septa show similar trends.  ANOVA analysis suggests 
that, for the primary septa, all water depths and all sample sites were statistically significant 
differences (p < 0.001 and p < 0.001, respectively).  Also, for secondary septa, all water depths 
and all sites are statistically significant differences (p < 0.001 and p < 0.01 respectively; Fig. 40).  
This implies that changes in chromatophore tissue density are not directly correlatable with 
depositional facies at equivalent bathymetry in different sites.  Maximum width and maximum 
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length for both the primary and secondary septa were variable with increasing water depth and 
did not exhibit any consistent trends. 
Density of chromatophores for tissues overlying primary and secondary septa from 3D 
analysis have been plotted against water depth and binned by facies (Fig. 25-28).  Results for 
primary and secondary septa show a similar pattern.  ANOVA analysis shows that for primary 
septa, all depths and all sample sites show statistically significant differences with respect to 
each other (p < 0.005 and p < 0.001 respectively).  Also, for secondary septa, all depths and 
sample sites show statistically significant differences with respect to each other (p < 0.007 and p 
< 0.001 respectively).  A statistically significant increase in chromatophore tissue density was 
observed with basinward movement across the shelf break (Fig. 40).  Although a statistically 
significant increase in chromatophore tissue density was observed with an increase in water 
depth, each site was observed to show statistical significant differences with respect to each other 
(Fig. 40).   
As expected, the 3D analysis of chromatophore tissue density exhibits trends similar to 
those observed in the 2D analysis of chromatophore density for both primary and secondary 
septa.  However, the actual total percentage of chromatophore tissue density is much lower 
because analysis program used.  3D analysis also permitted visualization of the gross 
morphology and shape of coral polyps and septa.  A comparison of the maximum chromatophore 
cellular tissue density from each site and facies sampled is presented in Figure 29.   
Differences in skeletal density between whole skeletons, high-density bands and low-
density bands were evaluated for correlations with water depth, site, and interactions between the 
two, using two-way ANOVA tests.  Depths were considered as a continuum instead three distinct 
categories for statistical analysis.   
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MicroCT images were analyzed using Amira imagining software to create three-
dimensional reconstructions of coral skeletons and identify and quantify the volumetric ratio of 
aragonite to pore space.  This allowed changes in coral skeletal aragonite densities between 
facies (Table 6), high-density bands (Table 7), and low-density bands (Table 8) to be quantified.  
The density of whole aragonitic skeletal sections between facies (Fig. 31 and 32), high-density 
bands (Fig. 33 and 34), and low-density bands (Fig. 35 and 36) were evaluated with respect to 
water depth and binned by facies.  A comparison of the high-density and low-density band is 
presented in Figure 30.   
ANOVA analysis implies that for whole skeletal sections shows, no statistically 
significantly difference with respect to either water depth or sample site was observed (p = 0.60 
and p = 0.48 respectively).  The environmental factors of water depth versus sampling site did 
not statistically covary with respect to each other (p = 0.66).  This data suggests that there are no 
significant differences in total skeletal density across water depths, sedimentary facies, or across 
sampling sites (Fig. 41). 
ANOVA analyses imply that high density skeletal bands sections exhibit no statistically 
significantly differences across water depths, but do suggest statistically significantly differences 
between sample sites (p = 0.60 and p < 0.001 respectively).  Water depth and sample site do not 
statistically covary with respect to each other (p = 0.36).  Interestingly, Snake Bay exhibits the 
overall lowest abundance of aragonite in these high-density bands compared to the other two 
sample sites of Water Plant and Playa Kalki (Fig. 41).  These differences are not observed across 
either water depth or depositional facies, but they are observed between sample sites. 
ANOVA analyses imply that low-density skeletal bands sections exhibit statistically 
significantly differences across water depths, and suggest statistically significantly differences 
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between sample sites (p = 0.005 and p < 0.001 respectively).  Water depth and sample site do not 
statistically covary with respect to each other (p = 0.14).  Again, Snake Bay exhibits the overall 
lowest abundance of aragonite in these low-density bands compared to the other two sample sites 
of Water Plant and Playa Kalki (Fig. 41).  However, these differences are observed across both 
water depth, and again are observed between sample sites. 
Radiographs of skeletal-biopsies reveal high-density bands (HDB) and low-density bands 
(LDB; Fig. 37).  Results show that the corals growing in the same ecosystem exhibit varying and 
non-consistence responses to environment through their growth of skeletal bands.  Average HDB 
are ~0.5-1 mm thick while average LDB are ~2-3 mm thick, however skeleton biopsies collected 
from the same depositional facies, the same sample site and essentially the same water depth 
(varied between 1-1.6 m WD) show large variations from these average thickness as well as 
differences in the presents or absence of bands and placement of bands from the growth surface 
(directly below the coral tissue).  Some HDB are correlatable across all three skeleton biopsies 
collected from the same environment, but other bands are present in one or two skeleton biopsies 
but completely absent from the third.  Packaging qualitatively of one thin HDB and one thick 
LDB is not always seen either.  In some cases we see a very think package on multiple thin 
HDBs and multiple thin LDBs. 
Chromatophore density was plotted against aragonite density for whole skeletal sections 
(Fig. 38).  Results show a slight trend toward an increase in aragonite density with an increase in 
chromatophore density.  When analyzing TP-LSM images of coral polyp halves what appears	  to	  be	  a	  rounded,	  coiled,	  organism	  was	  found	  (Fig. 39).	  	  They are just barley visible by the naked 
eye and ranges	  from	  ~100-­‐200	  µm thick.  Total coiled masses of these possible organisms 
cover ~300-600 µm2 of the coral’s surface.  They were found on coral polyps from every sample 
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site and across all depositional facies sampled.  The possible organisms was also notes on 
varying parts of the coral animal from the mouth region, on top of the septa, to the coenosarc 
between coral polyps.  	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DISCUSSION 	  
The ongoing global acceleration of coral reef destruction has created urgency for 
scientists to turn their attention to how reef ecosystems will respond to future global climate 
change and its many associated anthropogenic impacts.  These include increasing SST, 
decreasing seawater pH, unsustainable fishing and overharvesting, nutrient and sediment 
loading, ocean acidification, disease and invasive species, changes in ocean and atmospheric 
circulations, and other dynamic factors.  One of the key issues preventing progress in this field is 
the lack of a comparative baseline for tissue and skeletal structure in an “apparently healthy 
coral”, which can then be used to better understand and discriminate between normal coral 
physiology and stress response.  The goal of this study is therefore to: (1) establish the first 
definition of an “apparently healthy” coral based on qualitative and quantitative analyses of key 
characteristics of coral cellular tissue structure and skeletal growth; and (2) use this information 
as a comparative baseline with which to identify “apparently healthy” coral physiological 
responses to changing environmental conditions.  This has been accomplished by tracking 
chromatophore tissue density and skeletal density banding in “apparently healthy” colonies of 
the Caribbean coral M. faveolata when exposed to natural in situ environmental gradients.  In 
specific, this has included testing whether M. faveolata adapts to increases in water depth (WD) 
and accompanying decreases in photosynthetically active radiation (PAR) by shifting toward a 
more heterotrophic lifestyle (Fig. 42).   
I.  Experimental Design for Sampling of the Curaçao Coral Reef Tract 
Samples were collected from three individual dive sites that were strategically chosen 
because of their relative geographic position along a unidirectional offshore current that flows 
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from SE-to-NW along the southwestern margin of Curaçao (Fig. 2).  These sites include Water 
Plant, Snake Bay and Playa Kalki (Fig. 2).  In order to make direct comparisons between corals 
in each of these localities, biopsies were collected from M. faveolata coral heads of similar ~1 m-
diameter size, from virtually identical water depths and within the same sedimentary depositional 
facies (Fig. 3).  However, each of these three dive sites are also impacted by a unique suite of 
site-specific natural and human-driven environmental conditions that differentially affect the M. 
faveolata coral heads growing at each location.  Water Plant is located directly behind the 
desalination facility in very proximity to Willemstad, the capital and largest city of Curaçao.  
Snake Bay is located on the leeward middle side of the island just down current of CARMABI, 
and has a small natural beach that allows access for divers to the reef, yet it is not an extremely 
frequented dive site.  Playa Kalki, located on the northwest end of the island, is constantly 
frequented by a large number of tourists, snorkelers, SCUBA divers, and boats from a local dive 
shop.   
Most of the more than 150,000 people on Curaçao live around the large natural harbor of 
St. Annbaai in the city of Willemstad (Fig. 2).  This large commercial, municipal and military 
urban center is a significant source of pollutants such as nutrients, metals, hydrocarbons, and 
other toxic chemicals (Gast 1998b).  No other major sources of pollutants exist along the leeward 
reef tract of Curaçao (Klaus et al. 2005).  Elevated ammonium, nitrite and nitrate associated with 
sewage discharge and groundwater seepage are being emitted from Willemstad causing 
eutrophication and increased bacterial production (100-500 ngC.l-1.h-1 to about 1200 ngC.l-1.h-1; 
Gast 1998a).  These contaminants are having a direct and detrimental effect on the health and 
ecology of shallow water reef ecosystems (Bak and Nieuwland 1995; Gast 1998b; Meesters et al. 
2001).   
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Shifts toward lower diversity microbial communities have been previously documented 
on apparently healthy heads of the coral Diploria strigosa at Water Plant with respect to the 
same coral species in other northwestern down-current localities along Curaçao (Klaus et al. 
2005), This suggests that specific bacterial species inhabiting the surface of corals are being 
selected or enriched for by the sewage effluent of St.  Annbaai, which is likely due to the 
combined effects of environmental and coral physiological factors (Klaus et al. 2005).  This 
change from high-to-low diversity in coral microbial communities with increasing distance from 
St. Annbaai is a common stress response in disturbed environments (Haack et al. 2004; Salyers 
and Whitt 1994; Torsvik et al. 2002).  These microbial community structural shifts are consistent 
with coral tissue δ15N from Montastraea annularis along the pollution gradient being created by 
the northwesterly flowing offshore current (Klaus et al. 2005, 2007) and agree with the 
previously reported trends of bacterial eutrophication on Curaçao associated with the Willemstad 
sewage effluent (Gast 1998a, 1998b; Gast et al. 1998).  Ammonia volatilization, denitrification 
of nitrate, and nitrification of ammonia, wastewater and sewage tend to be isotopically enriched 
in the heavy isotopes of nitrogen (5N).  Thus the measured increase in δ15N of ~1.5‰ from M. 
annularis tissues suggests that a higher proportion of sewage exists in the seawater near 
Willemstad and that the sewage levels became increasingly diluted as they moved northwest or 
downcurrent from St. Annabaai harbor (Klaus et al. 2005). 
Across these gradients and sample sites there were no measurable differences in water 
temperature, exhibiting a constant 27.0°C from sea surface down to all of the sampled water 
depths.  Although the water in the thermocline layer and below are mixed very slowly (Sigman 
and Hain 2012), this suggests fairly well mixed waters in the upper surface water above the 
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thermocline in the month of May as shown in the transition from the lowest seasonal SST 
months (~October-May) to the warmest SST months (~June-September). 
Irradiance was measured in the field from 0 to 26 m water depth at each of the three dive 
sites.  All measurements were taken at slightly varying time of day and in slightly varying 
weather conditions. Weather conditions were recorded just prior to entering the water for a 
SCUBA dive and again immediately after exiting the water after a dive, however weather 
conditions were not recorded during the approximately 1 hour duration of each dive.  To 
compensate for the variation in the exact time of day PAR measurements were recorded, all 
underwater irradiance is expressed as a percentage of the average surface reading taken right 
before entering the water.  In theory, irradiance readings at the surface should be higher than 
submaring readings taken at depth due to the scattering and adsorption of light in seawater and 
other immersion factors.  However, measured PAR ranged from 100 to 325% of the surface 
reading.  In addition, although subsurface PAR trends are evident, there is significant variation 
between sample sites and within samples sites.  Variability in PAR measurements were 
especially noticeable in surface water at 0-5m WD.  These variations may have to do with 
varying weather conditions such as fog and partial cloud cover that was noted before and 
probably occurred during the dive (although was not noted during the dives) as well as the exact 
angle the quantum sensor was pointed when data was recoded may have slightly varied creating 
readings that did not reflect an accurate PAR measurement.  Regardless, the irradiance 
measurements show a consistent trend of exponentially decreasing PAR with an increase in 
water depth, which is consistent with irradiance data previously collected in Curaçao (Van Den 
Hoek and Breeman 1978; Fig. 12). 
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II.  Response of coral chromatophore tissue density to changes in WD and PAR 
Chromatophores, which reside within the ectoderm of hermatypic corals, have been 
hypothesized to both: (1) enhance the photosynthetic activity of zooxanthellae symbionts by both 
enabling the absorbance of the probiotic part of the short waveband and scattering and reflecting 
photos to enhance light supply reaching the zooxanthellae; and (2) protect the coral animal from 
harmful UV damage from short-wavelength UV radiation (Schlichter et al. 1985; Schlichter et al. 
1994).  However, because chromatophores have not been intensively studied and therefore only 
minimally understood, questions remain regarding the host corals ability to regulate the density 
of chromatophores in response to changes in WD and PAR.   
The methodology in this study of using data in the spatial context of an entire 
unprocessed polyp, has provided 2D and 3D analysis of distribution and abundance of 
chromatophore cells in apparently healthy coral tissues to help understand the context of the 
entire coral organism with respect to it’s shallow marine environmental setting.  3D analyses 
have revealed an extremely similar trend of chromatophore density with those illustrated in the 
2D analyses, however the actual percentage of chromatophore density is ~45-50% lower.  This is 
likely due to the fact that when analyzing the images in 3D, the total volume of the septum 
includes not only the thin veneer of coral tissue but also the skeleton below the biological tissue.  
This alters the total volume that is used to normalize the percentage of chromatophore tissue 
density.  Because this methodology is the first to have developed and applied within the spatial 
context of an entire unprocessed polyp, analysing the chromatophore density in both 2D and 3D 
has permitted the initial testing of key aspects of chromatophore ecophysiology.   
Significant changes in the density of chromatophores were observed in 2D and 3D 
analyses between all facies and all sites for both primary and secondary septa.  These results 
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suggest that the coral M. faveolata exhibits complex and variable cellular responses to increasing 
WD and decreasing PAR.  There are marked differences in the chromatophore density at the 
same facies, same depth, and same sampling sites, since all abiotic conditions are being held 
constant.  One possibility to explain this is that unknown coral physiological responses are 
affecting the chromatophore tissue density.  There is greater variation between polyps from 
different colonies then differences between the polyps from the same colony.  Because all polyps 
from the same colony are genetically identical due to asexual reproduction and budding, it is not 
likely that these differences are caused by genetic differences between these colonies. This 
implies that there may be epigenetic factors (Bird 2007; Riddihough and Zahn 2010) unique to 
each polyp that are creating differential expression without changes in the genes themselves, 
allowing for the chromatophore tissue density being observed. 
 Although there may be biotic influences on chromatophore tissue density, there are also 
site-specific abiotic environmental conditions that may also be playing a role.  Another important 
observation is the clearly observable and statistically significant increases in the density of 
chromatophores with increasing WD in both the primary and secondary septum.  This may 
suggest that chromatophores cells have a more important photo-enhancing function (reflection of 
light to help facilitate the collection of usable light that reaches the symbiotic algae for effective 
photosynthesis) rather than a photo-inhibitive function (absorbing or refract light that may be 
harmful to zooxanthellae), which has been previously hypothesized (Schlichter et al. 1985; 
Schlichter et al. 1994).  As there is less light at deeper water depths, corals may need more 
chromatophore to make photosynthesis more efficient and even possible.  There are also marked 
differences in the expression of chromatophores between sampling sites.  In specific, Water Plant 
is a clear example, where the chromatophore density is significantly higher than in coral tissues 
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from the other dive sites.  Therefore, these site-specific differences in chromatophore tissue 
density, and in particular in Water Plant, may therefore be due in part due to site-specific 
differences in anthropogenic influences.  For Water Plant, this is the measurable sewage effluent 
from the adjacent St. Annbaai harbor.  Increases in sedimentation in the water column lowered 
visibility in the water column when collecting coral tissue-skeleton biopsies.  This is consistent 
with human-driven impacts documented by Gast (1999a) and Klaus et al. (2005, 2007). 
Previously the role of chromatophores in coral tissues has been debated as serving either 
photoprotective or photoenhancing (Schlichter et al. 1985; Schlichter et al. 1994).  This may be 
because both biotic and abiotic conditions have never been simultaneously evaluated.  The 
shortcomings of previous chromatophore studies is that they have not considered both biotic and 
abiotic factors.  Conversely, the experimental design of the present study includes both biotic and 
abiotic conditions simultaneously.  Maximum width and maximum length for both primary and 
secondary septa was variable over depth but did not show any significant trend suggesting that 
larger polyp septum have no evolutionary advantage with increasing water depth and decreasing 
irradiance.   
When analyzing TP-LSM images of coral polyp halves what appears	  to	  be	  a	  rounded,	  coiled,	  organism	  was	  found	  (Fig. 39).	  	  They are just barley visible by the naked eye and ranges	  from	  ~100-­‐200	  µm thick.  Total coiled masses of these possible organisms cover ~300-600 µm2 
of the coral’s surface.  Based on their size, shape, and morphology (Vine and Bailey-Brock 
1984) these may be some type of ectoparasite burrows infecting the coral animal, in particular serpulid	  polychaete	  tubeworm.	  	  Interestingly, this is found at all dive sites regardless of degree 
of pollution at the sites and across all sampled depositional facies.   
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III.  Response of coral skeleton density banding to changes in WD and PAR 
Because coral tissue-skeleton biopsies were collected from the same M. faveolata heads 
at the same water depths and facies, it was assumed that the coral skeletons would be growing at 
similar rates and thus would exhibit similar skeletal density banding patterns.  However, x-ray 
and MicroCT results indicate that extreme variations exist in the skeletal density banding 
patterns within the same species growing under equivalent environmental conditions. Average 
HDBs are ~0.5 to 1 mm thick while average LDBs are ~2 to 3 mm thick. Skeleton biopsies 
collected from the same depositional facies, the same sample site and essentially the same water 
depth (varied between 1-1.6 m WD) show large variations from these average thickness as well 
as differences in the presents or absence of bands and placement of bands from the growth 
surface (directly below the coral tissue).  Some HDBs are correlatable across all three skeleton 
biopsies collected from the same environment, but other bands are present in one or two skeleton 
biopsies but completely absent from the third.  Packaging qualitatively of one thin HDB and one 
thick LDB is not always seen either.  In some cases we see a very think package on multiple thin 
HDBs and multiple thin LDBs. These qualitative results are unexpected because, to our 
knowledge, no other previous study has made comparisons between multiple skeletons from 
different heads of the same species that are growing in the same facies at equivalent WD and 
PAR. These results indicate that corals growing in the same localized reef ecosystem exhibit 
varying responses to environment conditions, which is consistent with observations of sub-
annual bands in occurrences of extremely high SST (Worum et al. 2007).   
It has previously been proposed that LDBs form during times when autotrophy dominates 
during seasonal lows in SST, while HDBs form during times when heterotrophy dominates 
during seasonal lows in SST (Anthony and Fabricius 2000; McConnaughey et al. 1997; Piggot et 
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al 2009; Fig. 42).  Specifically, trophic plasticity is predictable to affect the calcification rate of 
corals skeletons, where heterotrophy is associated with precipitation of more dense skeletons 
(Anthony and Fabricius 2000).  Zooxanthellae have been observed to decrease in tissue 
abundance with a rise from low to high SST which may be assoicated with a decrease in 
photosynthesis and thus a decrease in the use of respired carbon dioxide in the coral tissues 
(Coles and Jokiel 1997; Piggot et al. 2009; Rowan 2004).  Accumulation of respired carbon 
dioxide in the coral tissues may directly result in higher rates of precipitation of the calcium 
carbonate skeleton because of increased availability allowing the growth of more dense regions 
of HDBs (McConnaughey et al. 1997). 
Snake Bay was found to exhibit the overall lowest abundance of aragonite in both HDBs 
and LDBs compared to the other two sample sites of Water Plant and Playa Kalki (Fig. 41).   
These differences are not observed across either water depth or depositional facies for HDB, but 
they are observed between sample sites for both HDB and LDB.  Inversely, skeletal HDB and 
LDB shows us that density is the highest in bands at Water Plant and Playa Kalki which may be 
indicative of increased heterotrophy (i.e. HDB are formed at times of heterotrophy).  Because 
this is also observed at both Water Plant and Playa Kalki, it is unlikely that the Willemstad 
sewage effluent is playing a role and it is therefore likely that other environmental factors that 
may be playing a role such as increased sedimentation in the water column. 
 Playa Kalki is not only a popular diving destination on the island with its own dive shop, 
but it also has a large sand beach that is created in part, or enhanced, by trucking in sand from 
other locations on the island.  As this transported sand gets swept away by long shore currents, it 
causes sedimentation in the water column that can block light and settle on the corals themselves.  
The corals are likely increasing mucus secretion as a stress response to help clear or sluff-off 
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sand and that this increase mucus will cause them to catch more matter in the water increasing 
heterotrophic feeding rates as seen previously (Anthony 1999; Anthony and Fabricius 2000; 
Anthony 2000) This process may at least partially explain increased density of the LDBs.  
Conversely, little change in LDBs was observed at Snake Bay, which has only intermediate 
levels of pollution and tourism.  Therefore, this may imply that the corals at Snake Bay are 
feeding more autotrophically and thus precipitate less dense LDBs.   
There have been observed light enhanced calcification rates in some corals (Kawaguti 
and Sakumoto 1948; Gattuso et al. 1999) but the reasons behind this still remain controversial 
even after a half-century of research.  The data collected in the present study supports this 
observation, with the highest total skeletal density being observed in the Back Reef facies (Fig. 
41) where PAR is the greatest (Fig. 12).  Nutrients dissolved in seawater may also influence 
coral skeletogenesis (Tomascik and Sanders 1985).  Skeletal extension rate has also been 
observed to vary from species to species, depth to depth, and even in-shore reefs to offshore reefs 
(Cruz-Pino et al. 2003; Tomascik 1990; Van Veghel and Bosscher 1995).  Tomascik (1990) and 
Van Veghel and Bosscher (1995), hypothesized the differences in extension rates was due to 
genetic variation between species rather than environmental conditions.  This might explain the 
observed species-to-species coral variations, while nutrients may at least partially explain site-to-
site variation.  However, neither fully accounts for the extreme in-site variability in skeletal 
density banding collected from the same site, facies, WD and PAR.  This may help to 
contextualize the on going controversy or uncertainties about the genesis of coral skeletal density 
banding at high-versus-low temperatures during the seasonal changes in SST.   
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IV.  Synthesis model of coral biotic response to changes in WD and PAR 
Although coral skeletons have been extensively studied, no previous studies have directly 
linked cellular response to skeletal structure.  The new data set presented in this study indicates 
for the first time that skeletal density banding is not a simple response to seasonal changes in 
SST as it is generally presented in the literature.  Instead, that coral skeleton density banding is 
highly variable with respect to percent aragonite, band thickness, and band layering patterns.  
Conversely, direct comparison between coral reef sites of the same species under consistent 
temperature, WD and PAR suggest that other mechanisms are active.  Although the exact 
mechanism remains unknown, this new data allows us to revisit and analyze previously 
hypothesized models on coral skeletogenesis.   
If coral skeletons are specifically changes in temperature and radiation, the same coral 
holobiont response in the same species of coral collected from the same water depth.  Data from 
this study exhibits varying, non-consistent responses of growth of skeletal bands.  The result of 
this study suggests that site-specific environmental differences may have a dramatic affect on the 
density of chromatophores in coral tissues.  This may be the mechanism for the observed 
differences in chromatophore density, which might then have a coupling effect and be the 
mechanism that is creating observable variation in the skeletal banding.  Specifically, although 
corals skeleton precipitation has been previously purposed to be primarily the product of abiotic 
environmental process (Chalker and Taylor 1975; Cohen and McConnaughey 2003), this data 
supports the idea that the coral animal itself may actually be controlling the growth rate of the 
skeleton. Previous work on the deposition of travertine in Yellowstone National Park found that 
aragonite precipitation is catalyzed by microbial biomass (Kandianis et al. 2008; Fouke 2011).  A 
similar mechanism can possibly be applied directly to the corals.  Corals may be producing 
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enzymes and proteins that help catalyze, and consequently increase, the growth rate of their 
skeletons.  Coral skeletal density banding might therefore be controlled in coral-mediated 
changes in growth rate, which occur in response to environmental changes. This catalysis 
mechanism would account for this type of trophic change, which would also be accompanied by 
decreases in zooxanthellae tissue density, increasing mucocyte tissue density, and decreasing 
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 CONCLUSION 
 
This goal of this study was to establish a comparative baseline for apparently healthy 
corals and track physiological interactions between these corals, their pigment-bearing 
chromatophores and the coral’s ability to secrete density-banded skeletons when exposed to 
environmental gradients.  This was accomplished by testing whether M. faveolata on the coral 
reef tract of the southern Caribbean island of Curaçao adapts to increasing water depth (WD) and 
decreasing photosynthetically active radiation (PAR) by shifting toward a more heterotrophic 
lifestyle (decreasing zooxanthellae tissue density, increasing mucocyte tissue density, and 
decreasing chromatophores density).  Coral-chromatophore distribution has previously been 
analyzed using two-dimensional (2D) histology and bulk tissue maceration, to characterize the 
abundance and localization of targeted coral tissue components.  This has provided an important 
yet spatially and temporally limited view of their complex interactions.  The study was among 
the first to integrate a combination of field and laboratory photography, two-photon laser 
scanning microscopy (TP-LSM), micro-computed tomography (MicroCT), and 2D and three-
dimensional (3D) image analysis.  When quantitatively integrated, these analyses have created a 
submicron-scale three-dimensional spatial framework of: (1) coral polyp tissue morphology; (2) 
the distribution and abundance of cells and key biochemical compounds; and (3) the ensuing 
optimization of light harvesting.   
The approach in this study was to use measurements in the spatial context of an entire 
unprocessed polyp. This has provided both 2D and 3D analyses of the distribution and 
abundance of chromatophore cells in apparently healthy coral tissues to understood how the 
entire coral organism responds to the shallow marine environmental conditions in which it lives. 
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Results from this study have provided important new insights regarding the 3D 
distribution and abundance of chromatophores tissue density and skeletal density banding, 
Results have identified distinct differences in distribution of chromatophores between colonies of 
M. faveolata collected within three equivalent depositional facies and at sample sites distributed 
across a human-induced environmental gradient.  Specifically, marked differences in the 
chromatophore density from the same facies, same depth, and same sampling sites, suggests 
unknown coral physiological responses (rather than simply sweater temperature and light 
intensity) are affecting the chromatophore tissue density.   
Results of statistically significant increases in the density of chromatophores with 
increasing WD in both the primary and secondary septum suggest that chromatophores may play 
a role of photo-enhancement rather than photo-protection role for both the coral host and 
zooxanthallae symbiont.  Further, observed site-specific differences in chromatophore tissue 
density, and in particular in Water Plant, may be due in part due to site-specific differences in 
anthropogenic influences.  In specific, a gradient in seawater pollution derived from at St. 
Annbaai Harbor near Water Plant and possibly increased tourisms and sedimentation from the 
large beach at Playa Kalki.  This may then have a coupling effect and be the mechanism that is 
creating observable variation in skeletal density banding patterns.   
 
 




Figure 1.  Polyp, functional unit of a coral, tissue and skeletal cross-section diagram of a typical 
reef-building coral. Coral polyps are comprised of tissue layers positioned upon an aragonite 
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Figure 2.  Geographical map of each sample sites (Playa Kalki, Snake Bay, Water Plant) and 




Figure 3.  Coral Reef Depositional Facies Model showing the sampled facies; Back Reef, Reef 
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Figure 4.  (A&B) Coral skeleton-tissue biopsies (2.5cm diameter x 2-3 cm deep) were gathered 
by (C) hammering an arch punch 2-3 cm into the surface the each coral colony.  (D) Each M. 
faveolata head was considered a globe, with samples consistently taken from a position that was 
at approximately 45° north latitude.  (E) Biopsies were transferred from the arch punch to sterile 
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Figure 5.  Three biopsies were taken from each sample coral head.  Two examples of: (A) M. 
faveolata head before sampling, (B) M. faveolata head after sampling. 
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Figure 6.  Photosynthetically active radiation (PAR) was measured in the field in Curaçao using 
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Figure 7.  (A) Tissue biopsies (2.5cm diameter) were positioned upside down on a coverglass 
bottom dish in solution, (B) positioned with intact tissue facing downwards on the stage and (C) 








Figure 8.  Emission images were collected between (A) 454-562 nm for chromatophores auto-
fluorescence and (B) 657-750 nm for chlorophyll emission in zooxanthellae, and then (C) images 




Figure 9.  Imaris was used to visualize the three-dimensional structure and shape of single coral 
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Figure 10.  (A) Skeletal biopsies (2.5cm diameter) were removed of tissue using a water pick, 
then washed, dried and (B) skeletal sectioned at its thickest part (middle) into a five-millimeter 
section using a rock saw.  (C) Skeletal sections were radiographed using a large animal digital x-
ray instrument, (D) then imaged in 3D on the radiography microcomputed tomography 
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Figure 11.  Amira imagining software was used construct (A) computed tomography images into 
(B) three-dimensional reconstruction of coral skeleton where (C) the aragonite and pore in each 




Figure 12.  Light attenuation graph collected in the field with gray shading representing data 
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Figure 13.  Area (2D) of primary septum chromatophore density by water depth.   
 
 
Figure 14.  Area (2D) of primary septum chromatophore density by facies (1= Back Reef, 2= 
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Figure 15.  Primary septum maximum length by water depth.   
 
 
Figure 16.  Primary septum maximum length by facies (1= Back Reef, 2= Reef Crest, 3= Fore 
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Figure 17.  Primary septum maximum width by water depth.   
 
 
Figure 18.  Primary septum maximum width by facies (1= Back Reef, 2= Reef Crest, 3= Fore 
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Figure 19.  Area (2D) of secondary septum chromatophore density by water depth.   
 
 
Figure 20.  Area (2D) of secondary septum chromatophore density by facies (1= Back Reef, 2= 
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Figure 21.  Secondary septum maximum length by water depth.   
 
 
Figure 22.  Secondary septum maximum length by facies (1= Back Reef, 2= Reef Crest, 3= Fore 
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Figure 23.  Secondary septum maximum width by water depth.   
 
 
Figure 24.  Secondary septum maximum width by facies (1= Back Reef, 2= Reef Crest, 3= Fore 
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Figure 25.  Volume (3D) of primary septum chromatophore density by water depth.   
 
 
Figure 26.  Volume (3D) of primary septum chromatophore density by facies (1= Back Reef, 2= 
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Figure 27.  Volume (3D) of secondary septum chromatophore density by water depth.   
 
 
Figure 28.  Volume (3D) of secondary septum chromatophore density by facies (1= Back Reef, 
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Figure 29.  Two-photon laser scanning microscopy images of coral polyp halves, showing 4-5 
coral septa, representative of the maximum chromatophore cellular density from each site and 
facies sampled.  Samples were collected from the following water depths: A= 7m, B= 11.5m, C= 
16.6m, D= 8.6m, E= 14m, F= 20.5m, G= 8.3m, H= 14.5m, I= 19.7m  
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Figure 30.  Cross-sections of a coral skeleton is displayed in the X, Y, and Z sections and the 
three-dimensional reconstruction (bottom left of A and B) contrasting the density of a (A) high-
density band  (collected from WP at 8m WD) and a (B) low-density band (collected from WP at 
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Figure 31.  Skeletal density (% aragonite) by water depth.   
 
 
Figure 32.  Skeletal density (% aragonite) by facies (1= Back Reef, 2= Reef Crest, 3= Fore Reef 
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Figure 33.  High-density band density (% aragonite) by water depth.   
 
 
Figure 34.  High-density band density (% aragonite) by facies (1= Back Reef, 2= Reef Crest, 3= 
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Figure 35.  Low-density band density (% aragonite) by water depth.   
 
 
Figure 36.  Low-density band density (% aragonite) by facies (1= Back Reef, 2= Reef Crest, 3= 
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Figure 37.  Radiographs of skeletal-biopsies showing high-density bands (white) and low-density 
bands (gray).  Samples were collected from the following water depths: A= 7.3m, B= 8m, C= 
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Figure 38.  Area (2D) of chromatophore density (% chromatophore) for primary septa vs.  
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Figure 39.  Two-photon laser scanning microscopy images of coral polyp halves, showing an 
unidentified squiggle shaped object found on polyps from every sample site and over varying 
depths.  Samples were collected from the following sample sites and water depths: A= SB 8.6m, 
B= PK 8.3m, C= PK 14.6m, D= PK 14.1m, E= PK 14.5m, F= WP 17m, G= SB 15m, H= SB 
22.1m, I= SB 7.5m. 
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 Figure 40.  ANOVA statistic plots for area (2D) for chromatophore density for (A) primary and 












	   59	  
 
Figure 42.  NOAA Coral Reef Watch satellite SST data for 2001-2010.  It has previously been 
suggested that LDB form during times when autotrophy dominates during seasonal lows in SST, 
while HDB form during times when heterotrophy dominates during seasonal lows in SST 
(Compiled data by the Fouke laboratory). 
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Table 1.  Coral skeleton-tissue biopsies were taken from colonies over a vertical bathymetric 
transect in water depth (WD) within the context of a reef crest sedimentary depositional facies at 
the following facies: Back Reef (BR), Reef Crest (RC), and Fore Reef Slope (FRS).   
Sample Site Facies Depth Collected (meters) 
Water Plant BR 6.6 
Water Plant BR 7 
Water Plant BR 8 
Water Plant RC 11.5 
Water Plant RC 11.5 
Water Plant RC 11.5 
Water Plant FRS 17 
Water Plant FRS 20 
Water Plant FRS 16.6 
Playa Kalki  BR 7.3 
Playa Kalki  BR 8 
Playa Kalki  BR 8.3 
Playa Kalki  RC 14.6 
Playa Kalki  RC 14.1 
Playa Kalki  RC 14.5 
Playa Kalki  FRS 19.7 
Playa Kalki  FRS 19.7 
Playa Kalki  FRS 18.2 
Snake Bay BR 7 
Snake Bay BR 7.5 
Snake Bay BR 8.6 
Snake Bay RC 15 
Snake Bay RC 14 
Snake Bay RC 15 
Snake Bay FRS 19.5 
Snake Bay FRS 22.1 
Snake Bay FRS 20.5 






Site Facies Depth (m) Date % Chromatophore Density Max height Max W 
WP BR 6.6 7-May-13 12.1 235.528021 143.242977 
WP BR 6.6 7-May-13 4.5 206.160214 132.620139 
WP BR 6.6 7-May-13 6.8 256.82192 124.635788 
WP BR 6.6 7-May-13 11.4 256.40858 113.709834 
WP BR 6.6 7-May-13 11.9 212.270757 92.319489 
WP BR 6.6 7-May-13 12.6 222.810927 99.635607 
WP BR 7 7-May-13 3.4 182.820282 103.920565 
WP BR 7 7-May-13 4.6 235.707135 125.834474 
WP BR 7 7-May-13 10.3 202.288596 100.572511 
WP BR 7 7-May-13 10.4 296.543894 135.554853 
WP RC 11.5 7-May-13 25.6 285.555939 122.734424 
WP RC 11.5 7-May-13 21.2 282.03566 121.9353 
WP RC 11.5 7-May-13 16.1 223.362047 132.875032 
WP RC 11.5 7-May-13 20.0 227.784785 108.005742 
WP RC 11.5 7-May-13 13.1 277.888482 113.282716 
WP RC 11.5 7-May-13 6.8 284.088582 118.656136 
WP RC 11.5 7-May-13 7.4 250.201591 127.660059 
WP RC 11.5 7-May-13 31.1 238.889853 96.535557 
WP RC 11.5 7-May-13 42.6 212.587651 105.408589 
WP RC 11.5 7-May-13 38.4 224.567622 93.111724 
WP FRS 20 7-May-13 12.1 237.022934 105.47059 
WP FRS 20 7-May-13 21.4 292.176268 99.911167 
WP FRS 20 7-May-13 8.0 234.494671 101.991645 
WP FRS 20 7-May-13 16.4 237.022934 90.9348 
WP FRS 16.6 7-May-13 33.0 221.185123 107.585513 
WP FRS 16.6 7-May-13 12.6 237.725612 93.049723 
WP FRS 17 7-May-13 13.6 271.157929 96.452889 
WP FRS 17 7-May-13 12.6 198.561647 82.282216 
WP FRS 17 7-May-13 11.6 226.489653 97.424238 
WP FRS 17 7-May-13 16.8 248.748012 101.481859 
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Site Facies Depth (m) Date % Chromatophore Density Max height Max W 
SB BR 7 6-May-13 9.4 199.284992 81.958433 
SB BR 8.6 6-May-13 0.0 184.342751 123.753996 
SB BR 8.6 6-May-13 0.0 239.248081 103.224776 
SB BR 7.5 6-May-13 0.1 197.176958 99.697608 
SB BR 7.5 6-May-13 0.0 229.217697 116.899441 
SB BR 7 6-May-13 3.2 188.090367 100.517399 
SB BR 8.6 6-May-13 0.0 206.539109 91.933705 
SB BR 8.6 6-May-13 0.0 202.447043 102.501431 
SB BR 7 6-May-13 6.2 235.610689 110.224 
SB BR 7 6-May-13 2.4 280.361633 96.556224 
SB BR 15 6-May-13 0.0 179.782233 96.473556 
SB BR 15 6-May-13 0.3 225.738752 104.609465 
SB BR 15 6-May-13 0.1 171.095204 86.38806 
SB BR 14 6-May-13 2.5 188.235036 97.913357 
SB BR 14 6-May-13 1.1 193.326007 63.323688 
SB BR 14 6-May-13 6.6 169.517623 99.222267 
SB BR 14 6-May-13 1.6 210.741399 83.797796 
SB BR 15 6-May-13 0.3 167.395811 80.794192 
SB BR 15 6-May-13 1.5 218.470857 99.029375 
SB BR 15 6-May-13 0.0 149.518856 88.8681 
SB FRS 19.5 6-May-13 0.4 238.145841 102.377429 
SB FRS 19.5 6-May-13 1.8 298.527926 113.379162 
SB FRS 19.5 6-May-13 0.0 263.979591 91.727035 
SB FRS 20.5 6-May-13 26.6 197.09429 94.696194 
SB FRS 20.5 6-May-13 24.2 163.61375 94.027961 
SB FRS 20.5 6-May-13 16.4 202.522822 98.416254 
SB FRS 19.5 6-May-13 0.1 274.065087 102.632322 
SB FRS 20.5 6-May-13 12.4 180.236907 93.042834 
SB FRS 20.5 6-May-13 23.2 147.121484 90.79702 
SB FRS 20.5 6-May-13 27.5 168.828723 103.272999 
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Table 2 (continued) 
 
 
Table 2.  Two-Dimensional density of chromatophores, maximum height, and maximum width, 
for primary septa.   
 
Site Facies Depth (m) Date % Chromatophore Density Max height Max W 
PK BR 7.2 5-May-13 0.0 220.131106 105.670371 
PK BR 7.2 5-May-13 0.0 271.715938 109.107982 
PK BR 7.2 5-May-13 0.0 245.296623 105.229475 
PK BR 8 5-May-13 1.6 201.007242 78.727492 
PK BR 7.2 5-May-13 0.0 241.590341 130.939223 
PK BR 7.2 5-May-13 0.2 241.590341 115.473418 
PK BR 8.3 5-May-13 3.6 186.016778 73.140513 
PK BR 8.3 5-May-13 3.3 203.390836 105.47059 
PK BR 8.3 5-May-13 3.1 188.124812 93.104835 
PK BR 8.3 5-May-13 3.9 229.858374 113.082935 
PK RC 14.6 5-May-13 12.5 220.351554 91.465253 
PK RC 14.6 5-May-13 6.3 230.471495 96.576891 
PK RC 14.6 5-May-13 3.6 174.029918 95.48154 
PK RC 14.5 5-May-13 8.8 256.966589 135.065734 
PK RC 14.5 5-May-13 24.4 262.842906 125.44869 
PK RC 14.5 5-May-13 6.6 268.505664 134.74884 
PK RC 14.6 5-May-13 9.7 189.977953 96.618225 
PK RC 14.6 5-May-13 8.4 199.760333 107.709515 
PK RC 14.6 5-May-13 5.9 249.002905 88.420315 
PK RC 14.6 5-May-13 1.2 221.467572 96.17044 
PK FRS 19.7 5-May-13 12.4 190.039954 84.603809 
PK FRS 19.7 5-May-13 14.6 204.341518 93.0015 
PK FRS 19.7 5-May-13 17.6 205.49887 87.931196 
PK FRS 19.7 5-May-13 8.7 285.659274 102.756324 
PK FRS 19.7 5-May-13 8.6 204.065958 74.683649 
PK FRS 19.7 5-May-13 5.8 280.347855 82.419996 
PK FRS 19.7 5-May-13 4.6 248.320894 77.267024 
PK FRS 19.7 5-May-13 8.2 307.359624 91.871704 
PK FRS 19.7 5-May-13 7.7 236.678484 97.913357 
PK FRS 19.7 5-May-13 0.0 248.252004 93.311505 
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Site Facies Depth (m) Date % Chromatophore Density Max Length Max Width 
WP BR 6.6 7-May-13 0.8 158.626114 45.970297 
WP BR 6.6 7-May-13 7.8 130.47766 36.766593 
WP BR 6.6 7-May-13 19.9 141.872066 63.323688 
WP BR 7 7-May-13 9.4 184.735424 51.453941 
WP BR 7 7-May-13 11.3 225.077408 75.22788 
WP BR 7 7-May-13 19.1 213.069881 60.264972 
WP BR 7 7-May-13 18.7 211.581857 55.422005 
WP BR 7 7-May-13 0.7 229.665482 81.469314 
WP BR 7 7-May-13 4.5 170.8472 55.814678 
WP BR 7 7-May-13 2.2 194.345579 71.914271 
WP RC 11.5 7-May-13 33.5 246.83287 90.769464 
WP RC 11.5 7-May-13 17.8 159.976358 45.3399535 
WP RC 11.5 7-May-13 16.9 222.955596 84.507363 
WP RC 11.5 7-May-13 17.8 215.184804 84.7347 
WP RC 11.5 7-May-13 13.8 199.656998 75.923669 
WP RC 11.5 7-May-13 6.6 218.877308 82.25466 
WP RC 11.5 7-May-13 10.3 204.541299 94.165741 
WP RC 11.5 7-May-13 27.1 187.787251 66.68552 
WP RC 11.5 7-May-13 36.1 168.353382 75.682554 
WP RC 11.5 7-May-13 18.2 184.55631 54.946664 
WP RS 20 7-May-13 14.9 221.143789 65.4455 
WP RS 20 7-May-13 25.6 253.404976 73.374739 
WP RS 20 7-May-13 5.6 233.764437 72.988955 
WP RS 20 7-May-13 14.1 215.453475 53.589531 
WP RS 16.6 7-May-13 28.3 130.13321 40.273094 
WP RS 16.6 7-May-13 15.9 197.218292 71.011812 
WP RS 17 7-May-13 14.4 201.324136 64.487929 
WP RS 17 7-May-13 13.2 188.455484 64.109034 
WP RS 17 7-May-13 5.9 200.091005 52.507958 
WP RS 17 7-May-13 15.2 205.905321 57.337147 
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Site Facies Depth (m) Date % Chromatophore Density Max Length Max Width 
SB BR 7 6-May-13 4.6 215.873704 40.431541 
SB BR 7 6-May-13 5.7 225.731863 53.968426 
SB BR 7 6-May-13 16.4 191.452199 50.63415 
SB BR 8.6 6-May-13 1.6 185.079874 56.992697 
SB BR 7 6-May-13 4.0 131.586789 31.007389 
SB BR 8.6 6-May-13 1.5 202.171483 53.80309 
SB BR 8.6 6-May-13 0.8 123.788441 38.109948 
SB BR 8.6 6-May-13 0.0 208.426695 79.133943 
SB BR 7.5 6-May-13 1.1 168.064044 52.232398 
SB BR 7.5 6-May-13 0.0 185.231432 46.927868 
SB BR 15 6-May-13 1.5 158.123217 49.73858 
SB BR 15 6-May-13 1.1 250.635598 84.128468 
SB BR 15 6-May-13 1.7 107.227285 33.080978 
SB BR 14 6-May-13 7.2 134.094385 45.915185 
SB BR 14 6-May-13 6.8 154.534048 49.029013 
SB BR 14 6-May-13 3.6 148.8024 50.365479 
SB BR 14 6-May-13 1.8 209.101817 44.530496 
SB BR 15 6-May-13 1.9 190.039954 39.12952 
SB BR 15 6-May-13 0.9 135.775301 37.917056 
SB BR 15 6-May-13 0.1 131.5799 29.822481 
SB RS 19.5 6-May-13 0.2 198.251642 51.481497 
SB RS 19.5 6-May-13 4.1 241.66612 65.85884 
SB RS 19.5 6-May-13 0.0 239.468529 59.631184 
SB RS 22.1 6-May-13 18.6 159.046343 38.881516 
SB RS 22.1 6-May-13 19.6 163.427747 49.607689 
SB RS 22.1 6-May-13 10.0 142.684968 45.515623 
SB RS 19.5 6-May-13 0.0 262.705126 44.055155 
SB RS 20.5 6-May-13 11.6 156.504302 51.708834 
SB RS 20.5 6-May-13 21.2 107.874851 47.25854 
SB RS 20.5 6-May-13 17.6 111.966917 36.677036 
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Table 3 (continued)  
 
 
Table 3.  Two-Dimensional density of chromatophores, maximum height, and maximum width, 
for secondary septa.  
Site Facies Depth (m) Date % Chromatophore Density Max Length Max Width 
PK BR 7.2 5-May-13 0.0 186.333672 28.403347 
PK BR 7.2 5-May-13 0.0 210.514062 65.962175 
PK BR 7.2 5-May-13 0.1 236.189365 60.154748 
PK BR 8 5-May-13 15.6 118.242796 38.50951 
PK BR 8 5-May-13 4.7 173.637245 51.336828 
PK BR 7.2 5-May-13 0.0 206.511553 103.176553 
PK BR 7.2 5-May-13 0.0 196.667172 54.547102 
PK BR 8.3 5-May-13 2.2 106.965503 29.912038 
PK BR 8.3 5-May-13 2.6 100.951406 28.548016 
PK BR 8.3 5-May-13 0.0 105.084806 21.879464 
PK RC 14.6 5-May-13 6.5 182.289829 48.092109 
PK RC 14.6 5-May-13 8.1 143.993878 33.776767 
PK RC 14.6 5-May-13 2.6 145.192564 35.195901 
PK RC 14.5 5-May-13 12.6 240.460545 57.984713 
PK RC 14.6 5-May-13 5.5 167.616259 44.695832 
PK RC 14.6 5-May-13 7.4 135.361961 39.81842 
PK RC 14.6 5-May-13 5.7 129.044748 28.844243 
PK RC 14.6 5-May-13 10.4 133.529487 31.55162 
PK RC 14.6 5-May-13 11.5 134.218387 32.405856 
PK RC 14.6 5-May-13 1.0 238.111396 72.19672 
PK RS 19.7 5-May-13 12.0 179.8029 69.200005 
PK RS 19.7 5-May-13 15.2 224.429842 72.045162 
PK RS 19.7 5-May-13 11.1 166.582909 59.996301 
PK RS 19.7 5-May-13 7.9 275.298218 90.190788 
PK RS 19.7 5-May-13 8.8 220.489334 78.293485 
PK RS 19.7 5-May-13 6.6 262.016226 75.406994 
PK RS 19.7 5-May-13 5.8 299.320161 72.665172 
PK RS 19.7 5-May-13 9.3 276.738019 82.73689 
PK RS 19.7 5-May-13 8.1 266.693857 79.299279 
PK RS 19.7 5-May-13 0.0 233.413098 63.51658 





Site Facies  Depth (m) Date % Chromatophore Density 
WP BR 6.6 7-May-13 0.648576448 
WP BR 6.6 7-May-13 0.068414141 
WP BR 6.6 7-May-13 0.195586728 
WP BR 6.6 7-May-13 0.201933336 
WP BR 6.6 7-May-13 0.323655455 
WP BR 6.6 7-May-13 0.236202014 
WP BR 7 7-May-13 0.126734292 
WP BR 7 7-May-13 0.161328308 
WP BR 7 7-May-13 0.264201743 
WP BR 7 7-May-13 0.284883711 
WP RC 11.5 7-May-13 0.741963136 
WP RC 11.5 7-May-13 0.821407402 
WP RC 11.5 7-May-13 0.594282701 
WP RC 11.5 7-May-13 0.853691957 
WP RC 11.5 7-May-13 0.521704193 
WP RC 11.5 7-May-13 0.385171924 
WP RC 11.5 7-May-13 0.659436592 
WP RC 11.5 7-May-13 1.927897128 
WP RC 11.5 7-May-13 1.718843976 
WP RC 11.5 7-May-13 0.585804661 
WP FRS 20 7-May-13 0.370899612 
WP FRS 20 7-May-13 0.540590544 
WP FRS 20 7-May-13 0.547885979 
WP FRS 20 7-May-13 0.865478203 
WP FRS 16.6 7-May-13 1.065267098 
WP FRS 16.6 7-May-13 0.714746685 
WP FRS 17 7-May-13 0.70857154 
WP FRS 17 7-May-13 0.358989387 
WP FRS 17 7-May-13 0.783909158 
WP FRS 17 7-May-13 0.895741571 
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Table 4 (continued)  
 
 
Site Facies  Depth (m) Date % Chromatophore Density 
SB BR 7 6-May-13 0.383547238 
SB BR 8.6 6-May-13 0.000135715 
SB BR 8.6 6-May-13 0.003620103 
SB BR 7.5 6-May-13 0.001134181 
SB BR 7.5 6-May-13 0.003116161 
SB BR 7 6-May-13 0.000207122 
SB BR 8.6 6-May-13 0.131602373 
SB BR 8.6 6-May-13 5.69948E-05 
SB BR 7 6-May-13 0.122442654 
SB BR 7 6-May-13 0.221671394 
SB RC 15 6-May-13 0.051854108 
SB RC 15 6-May-13 0.113880863 
SB RC 15 6-May-13 0.152875821 
SB RC 14 6-May-13 0.157120257 
SB RC 14 6-May-13 0.161207933 
SB RC 14 6-May-13 0.481488014 
SB RC 14 6-May-13 0.214285527 
SB RC 15 6-May-13 0.036405499 
SB RC 15 6-May-13 0.174913108 
SB RC 15 6-May-13 0.057181047 
SB FRS 19.5 6-May-13 0.002695374 
SB FRS 19.5 6-May-13 0.001639415 
SB FRS 19.5 6-May-13 0.003864631 
SB FRS 20.5 6-May-13 0.58000232 
SB FRS 20.5 6-May-13 0.533458889 
SB FRS 20.5 6-May-13 0.458823433 
SB FRS 19.5 6-May-13 0.005564189 
SB FRS 20.5 6-May-13 0.347279753 
SB FRS 20.5 6-May-13 0.251891518 
SB FRS 20.5 6-May-13 0.504860502 
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Table 4 (continued) 
 
 
Table 4.  Three-Dimensional density of chromatophores for primary septa.   
Site Facies  Depth (m) Date % Chromatophore Density 
PK BR 7.2 5-May-13 0.001447014 
PK BR 7.2 5-May-13 0.000319522 
PK BR 7.2 5-May-13 0.002397771 
PK BR 8 5-May-13 0.054747331 
PK BR 7.2 5-May-13 0.002694245 
PK BR 7.2 5-May-13 0.000664877 
PK BR 8.3 5-May-13 0.230278271 
PK BR 8.3 5-May-13 0.270153942 
PK BR 8.3 5-May-13 0.294792735 
PK BR 8.3 5-May-13 0.126873673 
PK RC 14.6 5-May-13 0.544078285 
PK RC 14.6 5-May-13 0.309342236 
PK RC 14.6 5-May-13 0.167817262 
PK RC 14.5 5-May-13 0.098739257 
PK RC 14.5 5-May-13 0.458751603 
PK RC 14.5 5-May-13 0.135813765 
PK RC 14.6 5-May-13 0.588548603 
PK RC 14.6 5-May-13 0.344985358 
PK RC 14.6 5-May-13 0.201950782 
PK RC 14.6 5-May-13 0.104754153 
PK FRS 19.7 5-May-13 0.81088582 
PK FRS 19.7 5-May-13 0.76200794 
PK FRS 19.7 5-May-13 1.045570961 
PK FRS 19.7 5-May-13 0.29498865 
PK FRS 19.7 5-May-13 0.300733741 
PK FRS 19.7 5-May-13 0.349469744 
PK FRS 19.7 5-May-13 0.239920462 
PK FRS 19.7 5-May-13 0.338078176 
PK FRS 19.7 5-May-13 0.28977705 
PK FRS 19.7 5-May-13 0.000485047 





Site Facies Depth (m) Date % Chromatophore Density 
WP BR 6.6 7-May-13 0.028566129 
WP BR 6.6 7-May-13 0.13732223 
WP BR 6.6 7-May-13 0.835447025 
WP BR 7 7-May-13 0.426425435 
WP BR 7 7-May-13 0.594952766 
WP BR 7 7-May-13 0.702816352 
WP BR 7 7-May-13 0.470521091 
WP BR 7 7-May-13 0.623706314 
WP BR 7 7-May-13 0.09711503 
WP BR 7 7-May-13 0.289843818 
WP RC 11.5 7-May-13 1.012084752 
WP RC 11.5 7-May-13 0.967648792 
WP RC 11.5 7-May-13 0.669494218 
WP RC 11.5 7-May-13 0.830224392 
WP RC 11.5 7-May-13 0.925988383 
WP RC 11.5 7-May-13 0.342829086 
WP RC 11.5 7-May-13 0.50948067 
WP RC 11.5 7-May-13 1.606764056 
WP RC 11.5 7-May-13 2.877721926 
WP RC 11.5 7-May-13 1.000525147 
WP FRS 20 7-May-13 0.13603137 
WP FRS 20 7-May-13 0.83792051 
WP FRS 20 7-May-13 0.662403664 
WP FRS 20 7-May-13 0.71653493 
WP FRS 16.6 7-May-13 1.10668996 
WP FRS 16.6 7-May-13 0.76929794 
WP FRS 17 7-May-13 0.920546467 
WP FRS 17 7-May-13 0.933368034 
WP FRS 17 7-May-13 0.144958944 
WP FRS 17 7-May-13 1.323832716 
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Table 5 (continued)  
 
 
Site Facies Depth (m) Date % Chromatophore Density 
SB BR 7 6-May-13 0.318560567 
SB BR 7 6-May-13 0.493901529 
SB BR 7 6-May-13 0.481857972 
SB BR 8.6 6-May-13 0.013727144 
SB BR 7 6-May-13 0.170695472 
SB BR 8.6 6-May-13 0.001667645 
SB BR 8.6 6-May-13 0.0003125 
SB BR 8.6 6-May-13 0.004713287 
SB BR 7.5 6-May-13 0.00163133 
SB BR 7.5 6-May-13 0.008613637 
SB RC 15 6-May-13 0.012422408 
SB RC 15 6-May-13 0.005943154 
SB RC 15 6-May-13 0.010219335 
SB RC 14 6-May-13 1.148470011 
SB RC 14 6-May-13 1.048416621 
SB RC 14 6-May-13 0.050913567 
SB RC 14 6-May-13 0.391578615 
SB RC 15 6-May-13 0.3998456 
SB RC 15 6-May-13 0.086939205 
SB RC 15 6-May-13 0.261501107 
SB FRS 19.5 6-May-13 0.005669861 
SB FRS 19.5 6-May-13 0.001241471 
SB FRS 19.5 6-May-13 0.240969738 
SB FRS 22.1 6-May-13 1.262930046 
SB FRS 22.1 6-May-13 1.437683609 
SB FRS 22.1 6-May-13 0.212548382 
SB FRS 19.5 6-May-13 0.104360845 
SB FRS 20.5 6-May-13 0.517541315 
SB FRS 20.5 6-May-13 0.870349557 
SB FRS 20.5 6-May-13 1.048500774 
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Table 5 (continued)  
 
 
Table 5.  Three-Dimensional density of chromatophores for secondary septa.   
Site Facies Depth (m) Date % Chromatophore Density 
PK BR 7.2 5-May-13 0.000662562 
PK BR 7.2 5-May-13 0.000671144 
PK BR 7.2 5-May-13 0.041697558 
PK BR 8 5-May-13 0.356179873 
PK BR 8 5-May-13 0.219977419 
PK BR 7.2 5-May-13 0.001301334 
PK BR 7.2 5-May-13 0.000804325 
PK BR 8.3 5-May-13 0.237266964 
PK BR 8.3 5-May-13 0.009727429 
PK BR 8.3 5-May-13 0.001770535 
PK RC 14.6 5-May-13 0.159677849 
PK RC 14.6 5-May-13 1.235537411 
PK RC 14.6 5-May-13 0.016845142 
PK RC 14.5 5-May-13 0.195322652 
PK RC 14.6 5-May-13 0.281712183 
PK RC 14.6 5-May-13 0.534022585 
PK RC 14.6 5-May-13 0.007858082 
PK RC 14.6 5-May-13 0.025588785 
PK RC 14.6 5-May-13 0.452338631 
PK RC 14.6 5-May-13 0.040334477 
PK FRS 19.7 5-May-13 0.676855121 
PK FRS 19.7 5-May-13 1.281233043 
PK FRS 19.7 5-May-13 1.952021396 
PK FRS 19.7 5-May-13 0.464189426 
PK FRS 19.7 5-May-13 0.378369241 
PK FRS 19.7 5-May-13 0.374365365 
PK FRS 19.7 5-May-13 0.382765739 
PK FRS 19.7 5-May-13 0.550899552 
PK FRS 19.7 5-May-13 0.341287335 
PK FRS 19.7 5-May-13 0 
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Table 6.  Skeletal Density for entire skeletal sections.   
Sample Site Facies Depth (m) Date % Pore %Aragonite 
WP BR 6.6 7-May-13 55.31752385 44.68247615 
WP BR 7 7-May-14 23.41493789 76.58506211 
WP BR 8 7-May-13 36.71212606 63.28787394 
WP RC 11.5 7-May-14 32.97649314 67.02350686 
WP RC 11.5 7-May-13 35.72896637 64.27103363 
WP RC 11.5 7-May-14 43.08163922 56.91836078 
WP FRS 17 7-May-13 26.46164333 73.53835667 
WP FRS 20 7-May-14 36.01649546 63.98350454 
WP FRS 16.6 7-May-13 33.97573585 66.02426415 
SB BR 8.6 6-May-13 51.12831295 48.87168705 
SB BR 7.5 6-May-13 33.34433656 66.65566344 
SB BR 7 6-May-13 38.24544361 61.75455639 
SB RC 14 6-May-13 51.93456739 48.06543261 
SB RC 15 6-May-13 49.18113026 50.81886974 
SB FRS 22.1 6-May-13 38.99421178 61.00578822 
SB FRS 20.5 6-May-13 67.63047633 32.36952367 
SB FRS 19.5 6-May-13 21.94928207 78.05071793 
PK BR 8.3 5-May-13 38.20506086 61.79493914 
PK BR 8 5-May-13 21.09289393 78.90710607 
PK BR 7.2 5-May-13 41.68272007 58.31727993 
PK RC 14.5 5-May-13 58.65074637 41.34925363 
PK RC 14.1 5-May-13 55.89730629 44.10269371 
PK RC 14.6 5-May-13 43.05710496 56.94289504 
PK FRS 18.2 5-May-13 60.48361803 39.51638197 
PK FRS 19.7 5-May-13 52.29675029 47.70324971 
PK FRS 19.7 5-May-13 15.28561327 84.71438673 




Table 7.  Skeletal Density for identified high-density bands.   
Sample Site Facies  Depth (m) Date % Pore %Aragonite 
WP BR 6.6 7-May-13 52.93366552 47.06633448 
WP BR 7 7-May-14 17.8007753 82.1992247 
WP BR 8 7-May-13 35.19289488 64.80710512 
WP RC 11.5 7-May-14 20.58823529 79.41176471 
WP RC 11.5 7-May-13 30.70320653 69.29679347 
WP RC 11.5 7-May-14 41.29088662 58.70911338 
WP FRS 17 7-May-13 20.93882103 79.06117897 
WP FRS 20 7-May-14 24.29933527 75.70066473 
WP FRS 16.6 7-May-13 27.35714286 72.64285714 
SB BR 8.6 6-May-13 No Band Identified 
SB BR 7.5 6-May-13 47.28931579 52.71068421 
SB BR 7 6-May-13 53.71059403 46.28940597 
SB RC 14 6-May-13 61.54468091 38.45531909 
SB RC 15 6-May-13 No Band Identified 
SB RC 15 6-May-13 60.46525814 39.53474186 
SB FRS 22.1 6-May-13 56.1083745 43.8916255 
SB FRS 20.5 6-May-13 75.93228094 24.06771906 
SB FRS 19.5 6-May-13 50.13337963 49.86662037 
PK BR 8.3 5-May-13 30.81810522 69.18189478 
PK BR 8 5-May-13 8.999308225 91.00069177 
PK BR 7.2 5-May-13 33.62521328 66.37478672 
PK RC 14.5 5-May-13 45.40460815 54.59539185 
PK RC 14.1 5-May-13 34.28507572 65.71492428 
PK RC 14.6 5-May-13 29.81493752 70.18506248 
PK FRS 18.2 5-May-13 43.07349081 56.92650919 
PK FRS 19.7 5-May-13 43.95637293 56.04362707 
PK FRS 19.7 5-May-13 2.163082033 97.83691797 




Table 8.  Skeletal Density for identified low-density bands.   
Sample Site Facies  Depth (m) Date % Pore %Aragonite 
WP BR 6.6 7-May-13 52.75885488 47.24114512 
WP BR 7 7-May-14 28.55080598 71.44919402 
WP BR 8 7-May-13 37.46329713 62.53670287 
WP RC 11.5 7-May-14 31.38507301 68.61492699 
WP RC 11.5 7-May-13 No Band Identified 
WP RC 11.5 7-May-14 45.63554035 54.36445965 
WP FRS 17 7-May-13 36.79837134 63.20162866 
WP FRS 20 7-May-14 37.98148891 62.01851109 
WP FRS 16.6 7-May-13 43.44794083 56.55205917 
SB BR 8.6 6-May-13 63.279509 36.720491 
SB BR 7.5 6-May-13 53.97880353 46.02119647 
SB BR 7 6-May-13 68.5271152 31.4728848 
SB RC 14 6-May-13 64.81180087 35.18819913 
SB RC 15 6-May-13 No Band Identified 
SB RC 15 6-May-13 69.31657588 30.68342412 
SB FRS 22.1 6-May-13 75.13232514 24.86767486 
SB FRS 20.5 6-May-13 76.63688983 23.36311017 
SB FRS 19.5 6-May-13 57.75574045 42.24425955 
PK BR 8.3 5-May-13 36.32499832 63.67500168 
PK BR 8 5-May-13 12.94715173 87.05284827 
PK BR 7.2 5-May-13 36.53423864 63.46576136 
PK RC 14.5 5-May-13 49.75466005 50.24533995 
PK RC 14.1 5-May-13 53.34029208 46.65970792 
PK RC 14.6 5-May-13 38.92216685 61.07783315 
PK FRS 18.2 5-May-13 49.66167996 50.33832004 
PK FRS 19.7 5-May-13 46.32626718 53.67373282 
PK FRS 19.7 5-May-13 48.12600664 51.87399336 
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APPENDIX A: BACKGROUND 	  
 
Often referred to as the rainforests of the ocean, coral reefs are among the most 
productive ecosystems on the planet.  They provide countless resources to humans in the form of 
tourism, fisheries, resources, pharmaceutical drugs, and coastal protection (Hoegh-Guldberg, 
1999, U.S.  Commission on Ocean Policy 2004) and billions of people globally rely on coral reef 
ecosystems to sustain their livelihood (Salvat 1992).  The direct and indirect economic value to 
humankind has been estimated, on average, as US$130,000 per hectare of reef per year (Science 
Daily 2009) equating to somewhere between $29.8 billion (Cesar et al. 2009) and as high as 
$375 billion per year globally (Costanza 1997).   
Coral reef ecosystems are critically important reservoirs of biodiversity in coastal, 
shallow-water tropical, and sub-tropical marine environments and they serve as cornerstone 
species in these environments (Veron 2000).  The skeletons they build provide a complex three-
dimensional structure essential to the reef habitat making them a keystone species (Harrison 
2011).  They only cover about .1% of the ocean floor, but they house thousands of previously 
described species and an estimated 8 million other undescribed species (Reaka-Kudla 1997).  
Corals also play a significant role in Earth’s modern and ancient physical, chemical, and 
biological dominions (Knowlton 2001) and their skeleton documents a wealth of environmental 
information including the environmental conditions and processes of the ocean and atmosphere 
that were present at the time of skeletal deposition.  Thus, their skeletons arguably provide some 
of the best high-resolution archives of marine conditions from the Paleozoic Era to present 
(Cohen & McConnaughey 2003).   
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Yet, they are also one of the most threatened marine ecosystems on the planet, with 
~19% already destroyed, an additional ~15% severely damaged, and predictions of damage to 
rise to ~60% by 2030 (Wilkinson 2000, Wilkinson 2002, 2004 SCRW: GCRMN Report).  
Although coral reef decline is a global issue, Caribbean regions are being particularly hit hard by 
a variety of coral stressors (Gardner et al. 2003).  A variety of both acute and chronic stressors 
are contributing to this dramatic increase in coral mortality and reef degradation (Buddemeier et 
al. 2004, Goreau et al. 1998, Richardson 1998, Harvell et al. 1999).   
Devastation is driving many scientists to focus their attention to potential affects of these 
coral stressors (Gardner et al. 2003).  However, despite concerns over devastation, direct causes 
and affects have been difficult to pinpoint, in part due to an incomplete understanding of various 
parts of the coral animal and how it interacts with the environment around it.   
Corals are an invertebrate animal that are essentially a thin veneer of living tissue over a 
massive, hard, calcium carbonate skeleton that the animal itself secretes.  The skeleton forms 
into a stony cup where a single coral polyp, the functional unit of the colony, resides.  Each 
individual polyp has a ring of tubular tentacles with specialized stinging cells called nematocysts 
that are used for defense and capturing prey.  The tentacles are lined with cilia used to move 
slimy mucus secreted by the coral filled with particulate matter toward the mouth or to slough 
unwanted mucus off of the coral surface (Veron 2000).   
Scleractinian corals, belonging to the order Scleractinia, are the primary reef-building 
organisms in today’s tropical marine environments.  These corals are colonial organisms 
composed of numerous polyps which are genetically identical (Veron 2000).  Coral reef 
ecosystems are critically important reservoirs of biodiversity in coastal, shallow-water tropical, 
and sub-tropical marine environments and they serve as cornerstone species in these 
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environments (Veron 2000).  Their skeletons are of particular interest for paleoclimatological 
studies because they arguably provide some of the highest-resolution archives of marine 
conditions from the Paleozonic Era to present. 
  Scleractinian corals have persisted through geological time, making their first appearance 
in the rock record during the Triassic Era.  The hermatypic scleractinian corals (possess 
symbiotic relationship) build a hard aragonite exoskeleton that documents a wealth of 
environmental information including the environmental conditions and processes of the ocean 
and atmosphere that were present at the time of skeletal deposition (Cohen & McConnaughey 
2003).  Skeletal growth consists of the formation of density banding, where a crystalline 
aragonite couplet of a high-density band (HDB) and a low-density band (LDB) is equivalent to 
one year of growth, similar to a tree ring (Carricart-Ganivet et al. 2000; Knutson and 
Buddemeier 1972).  HDBs are believed to form during times of high seasonal SST (June-
September) while LDBs are believed to form during times of lower seasonal SST (October-May; 
Barnes and Lough 1993; Carricart- Ganivet 2007; Carricart-Ganivet et al. 2000).  Due to 
observable regularity, density bands can be used as growth chronometer and consequently can 
function as a sensitive tool for reconstruction models for recent and ancient sea surface 
temperature, climate, and even ecology (Barnes and Lough 1996; IPCC 2007; IPCC 2013).    
Since the time scientists began to investigate coral density banding, several studies have 
extracted climatological data from coral skeletons over the last 2,000+ years (Gladfelter 1984; 
Knutson and Buddemeier 1972).  Other studies have proceeded to extract data from coral 
skeletons including climatology data like sea surface temperature, salinity, sediment loads, as 
well as photosynthetically active radiation (light intensity; Muscatine et al. 1984; Lough and 
Barnes 2000; Klein et al. 1993).    
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 Scleractinian corals have an extremely important symbiotic relationship with a 
unicellular, photosynthetic, algal-like dinoflagellate called zooxanthellae (genus Symbiodinium) 
(Fig. 1; Veron 2000; Chalker and Taylor 1975; Cienkowski 1871; Muscatine 1977).  
Zooxanthellae can be free living in the water column and form an intracellular symbiosis with a 
number of marine organisms such as corals, anemones, jellies, and sponges, or form an 
extracellular symbiosis with giant clams (Stat 2006).    
The development of the coral-zooxanthellae symbiotic relationship in corals likely 
developed secondary (i.e. corals were initially ahermatypic and later developed a relationship 
with them) in the late Triassic and was marked with rapid diversification and the simultaneous 
development of reef-building habits as the symbiosis gave corals a competitive advantage 
through increased fitness in nutrient poor environments (Stanley 1981; Stanley 2003).   
Modern hermatypic corals can deposit aragonite up to an order of a magnitude faster than 
their non-zooxanthellae counterparts and most reef-dwelling species exhibit high correlation 
between concentrations of zooxanthallae and rates of calcification (Stanley and Swart 1995; 
Weber 1973; Weber and Woodhead 1970; Woodhead and Weber 1973).  A growing number of 
successful hermatypic species of corals may have forced corals that did not foster this symbiosis 
into refuge environments such as deep sea and colder climates, thereby beginning the marked 
ecological differentiation that characterizes these corals today.  Coral-zooxanthellae symbiosis 
has allowed simple tissue-grade invertebrates lacking excretory or respiratory systems to attain 
levels of development comparable to or exceeding those of more advanced metazoans (Stanley 
1981).  This relationship has also allowed corals to persist in the oceans deserts where there is 
low nutrient availability and high solar intensity at roughly ±32° latitude (Veron 2000; Cohen 
and McConnaughey 2003).   
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The algal-like dinoflagellates zooxanthellae are housed within the coral gastrodermal 
tissue layer where they gain shelter from the outside ocean in an environment that is stable yet 
exposed to the sunlight.  Normal coral tissue has a zooxanthellae-cell density in the range of 1-2 
million cells cm-2 of tissue (LaJeunesse 2001).  The host coral gains the enhanced capacity to 
remove metabolic waste, an enhanced capacity to calcify, a capacity to concentrate and re-cycle 
limited nutrients including nitrates and phosphates, and a direct nutrient source from 
zooxanthellae photosynthetic activity that has been shown to be capable of fully satisfying daily 
metabolic requirements of the host (Muscatine et al. 1981; Veron 2000; Stanley 1981).   
This symbiotic relationship creates a dependence on light.  Although maximum reef 
growth of hermatypic corals takes place in the upper 40m of the water column, they have been 
recorded to grow to water depths that define the lower limit of the euphotic zone, where merely 
1% of the surface irradiance is received (Chalker et al. 1988).  These depths are referred to as the 
compensation depths where the primary productivity equals respiration (Jerlov 1976).  The 
profile depths for coral limit and maximum growth are dependent on the extinction coefficient 
(k) of water or the amount of light penetrating the water column, which varies across space and 
time.  Light has been observed and quantitatively shown to be a dominant control factor of coral 
reefs.  Not only is it responsible for the distribution of corals over water depth but also has 
controls on growth rates, which have been shown to decrease with increasing water depth 
(Bosscher and Schlager 1992).    
Although it is generally believed that the endosymbiont is fundamental to development 
and survival of reef-building corals (Muscatine and Porter 1977), most scleractinian corals 
should be considered polytrophic (Houlbreque and Ferrier-Pages 2009).  Besides, feeding 
autotrophically through translocation of carbon from their photosynthetic symbionts, corals are 
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also capable of feeding heterotrophically from ingested carbon as well (Muscatine 1973; 
Houlberque et al. 2004).  Heterotrophic feeding may be an important source of nitrogen, 
phosphorous, and other vital nutrients that the zooxanthellae do not provide to the host (Grottoli 
and Wellington 1999).   
Additionally, heterotrophic feeding is an additional carbon source that can account for 0-
66% of the fixed carbon that is incorporated into the skeleton  (Muscatine et al. 1989; Grottoli 
and Wellington 1999), meet 15-35% of daily metabolic requirements in healthy corals (Porter 
1976) and up to 100% of daily metabolic requirements in bleached corals, allowing them to 
maintain and restore energy reserves (Grottoli et al 2006).  This additional carbon source may 
become a more significant importance when photosynthetic carbon is unavailable such as times 
of low light, high sediments, deep or turbid waters, or during bleaching events (Houlbreque and 
Ferrier-Pages 2009).   
Corals have been observed to have varied trophic feeding abilities and have been 
observed to feed on a range of food types including: microzooplankton (Ferrier-Pages et al. 
1998), zooplankton (Porter, 1974), bacteria (Bak et al. 1998), detridal organic material (Lopez 
and Levinton 1987), sediments (Stafford Smith and Ormond 1993), and suspended particulate 
matter (Anthony 1999).  In particular coral have been observed to be voracious zooplankton 
predators (Ferrier-Pages et al. 2003), which like other food items, can be captured with coral 
nematocyst, tentacle grabbing, or mucus adhesion (Lewis 1977; Sebens at al 1998).   
Coral tissue is translucent, allowing light to reach the gastrodermal layer where 
zooxanthellae inhabit.  Corals thus gain observable color-pigment in two important manners: (1) 
through the zooxanthellae in their tissue, which contain pigments, and/or (2) through host 
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pigment-bearing cells, called chromatophores, that reside within the ectoderm of hermatypic 
corals (Fig. 1).   
Chromatophores are not found in all coral species.  In a study by Schlichter et al. (1994), 
chromatophores were detected in 17 of 71 zooxanthellate coral species but not found in any 
azooxanthellate species that were examined.  In the zooxanthellate corals studied, 
chromatophores were found in either the oral gastrodermis (ectoderm) or in the epidermis 
(ectoderm).   
 Chromatophores have been hypothesized to both enhance the photosynthetic activity of 
zooxanthellae symbionts by enabling the absorbance of the probiotic part of the short waveband 
and scattering and reflecting photos to enhance light supply reaching the zooxanthellae, as well 
as protect the coral animal from harmful UV damage from short-wavelength UV radiation 
(Schlichter et al. 1985; Schlichter et al. 1994).  Zooxanthellae are capable of using short 
wavelengths, however the transformation of light into longer wavelengths by chromatophores 
makes photosynthesis more efficient and possibly give corals that possess chromatophores a 
competitive advantage over ones that do not have any (Schlichter et al. 1994). 
Chromatophores have not been intensively studied and therefore currently remain not 
well understood.  Questions remain regarding the host corals’ ability to regulate the density of 
chromatophores in response to changes in water depth and photosynthetically active radiation.   
Host chromatophores and zooxanthellae symbionts are part of what is described as the 
coral holobiont.  The coral holobiont is defined as the collective community of coral host 
components and cells, as well as all bacteria, archaea, fungi, protists, and zooxanthellae 
symbionts and any unknown components that are yet to be discovered.  The integration of all of 
these individual components is hypothesized to contribute to the overall health and productivity 
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of the coral animal. It is also hypothesized that disturbing any single component of the holobiont 
may cause the interplay between components to become skewed, resulting in physiological 
changes that can result in increased susceptibility to disease or even cause coral to succumb to 
death (Rohwer et al. 2002).    
One host component that is proving to be extremely fundamental to the biology of the 
coral animal is the surface mucosal layer.  It has been shown to play vital roles in feeding, 
pathogen protection, and sediment cleansing (Reviewed by Brown and Bythell 2005).  Mucus is 
composed of a complex mixture of lipids and polymeric glycoproteins called mucins, which are 
responsible for the gel-forming properties of the mucus.  One of the first signs of stress in corals 
is a dramatic increase in mucus production (Wild 2005).  Corals can release up to half of the 
carbon assimilated by their zooxanthellae as mucus.  Composition has been recorded to vary 
temporally between species, and with a change in water depth or irradiance levels but generally 
provides protection to coral epithelium while allowing gas and metabolite exchange (Reviewed 
by Bythell and Wild 2011).  The surface mucosal layer houses the majority of the bacterial 
populations known to inhabit corals although some are also found internally. 
Until recently aspects of the coral microbiology have not been intensively studied and 
still much remains a mystery.  Research by Rohwer et al. (2001) on Montastraea franksi showed 
that the diversity of bacteria alone on corals was significantly greater than previously considered.  
More recent work has shown that individual coral species have a unique microbial fingerprint 
that is distinctive from the water column in which they live (Rohwer et al. 2002; Frias-Lopez et 
al. 2002).  Also microbial diversity has been observed to vary on the same coral species over 
varying locations of the reef tract (Raechel et al. 2009) as well as along the length of coral 
branches (Rohwer et al. 2002).   
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The microbial communities that live on or in corals are believed to have strong influences 
on coral calcification, growth, and on the environment maintained on the coral surface 
(Ainsworth et al. 2007).  Coral have important symbiotic relationships with many microbes.  
Microbial metabolisms and processes help influence rates and efficiencies of biogeochemical, 
physiological, and ecological processes within the coral animal and ultimately the entire coral 
reef ecosystem.  In particular they have been shown to be important for chemical and nutrient 
cycling (Ainsworth et al. 2010).   
Some species of corals host intracellular bacteria that are capable of nitrogen fixation 
(Lesser et al. 2004).  Others host archaea that have been reported to conduct ammonium 
oxidation and nitrogenous water removal for the coral in which it lives (Wegley et al. 2007).  
Microbial processes are also responsible for many factors that influence the coral reef 
ecosystem’s resilience.  In particular these microbial processes have impacts on larval 
recruitment, colonization, and overall species diversity.  For example settlement of coral and sea 
urchin larvae is influenced by chemical cues from the benthic microbial communities (Huggett 
2008; Webster 2004). 
There are also microbes and pathogens that have negative impacts on coral animals.  
Although pathogens can be found on corals in greater than 100 meters in depth, most diseases of 
hermatypic scleracinian corals are most prevalent and destructive in warm, shallow waters of less 
than 10 meters in depth.  This may be due to an increase in sea surface temperature, increase in 
pollutants, or high light intensity.  This poses a problem because as global climate change 
increases the sea surface temperature we may see more pathogens infecting corals (Gil-Agudelo 
and Grazon-Ferreira 2001).  Although the resident microbiota are one of the coral animals best 
primary defense mechanisms against invasion from pathogens (Salyers and Whitt 1994), this 
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may change with increased environmental pressures.  Overall the microbiota of the coral animal 
and community is thought to provide a protective defense for the coral animal by production and 
secretion of antibodies (Ritchie 2006), and competition for space and nutrients with invading 
pathogens (Saylers and Whitt 1994; Koh 1997).  But as we see changes in environmental factors 
we may also see changes in the microbial community within a healthy coral, which could 
influence the susceptibility to invasion by transient pathogenic microbes (Klaus et al. 2007).   
Corals are capable of reproducing both asexually to produce genetically identical polyps, 
or sexually to enable genetic recombination and produce a new genotype that may enhance 
fitness and survival. Sexual reproduction in corals is vitally important in light of current threats 
such as disease.  Asexual budding of coral polyps forms identical polyps that can lead to the 
formation of extensive coral colonies.  These colonies remain partially interconnected and 
integrated via nerve and muscular networks (Harrison and Booth 2007).  The ability to perform 
asexual budding is advantageous as colonial growth enables coral growth to exceed what a single 
polyp alone would be able to achieve, allowing for more effective competition for resources, 
faster growth rates, and ability of corals to survive the damage or death of individual polyps or 
partial colony mortality (Hughes et al. 1992).  Other forms of asexual reproduction can result in 
the production of new modules elsewhere that are still genetically identical clones but are 
separated by physical space from their mother colony (Harrison and Wallace 1990).   
Sexual reproduction in corals is extremely variable but essential for genetic 
recombination and the production of new and varying genotypes.  Corals can be hermaphroditic  
(have both sexes developed in their polyps and/or colonies), or gonochronic (polyps and colonies 
have separate sexes).  Corals can also be broadcast spawners (release their gametes into the water 
column for fertilization and embryo development) or brooders (have internal fertilization and 
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planula larvae within their polyps).  Some species of coral can actually develop mixed sexual 
patterns as well.  At least 444 coral species have been examined in the primary literature, of 
which the majority are hermaphroditic broadcast spawners (~65%), followed by gonochronic 
broadcast spawning being moderately common, and very few hermaphroditic or gonochronic 
brooding species (Reviewed by Harrison and Wallace 1990).   
It has also been observed that the majority of the broadcast spawners are highly 
synchronized and spawn together on the same night, often within only a few hours over several 
consecutive days every year.  However there also can be incredible variation in the degree of 
synchrony of the reproduction among coral groups (i.e. multispecific spawning event and mass 
spawning event) and the cues to which influence the occurrence and timing of reproduction.  
Changes in sea surface temperature, day length, currents, wind, lunar cycles, and irradiance all 
may act as proximate cures to the occurrence and timing of reproduction.  Further coral 
reproduction seems to be sensitive to a wide variety of natural and anthropogenic impacts such 
as thermal stress, UV radiation, salinity, increased sedimentation and turbidity, pollutants, and 
pH.  Thus it is hypothesized that climate change and anthropogenic impacts may have dramatic 
disturbances on coral reproductive cycles (Reviewed by Harrison 2011).   
Recently coral reefs have been decimated globally by a variety of stresses and disease 
(Buddemeier et al. 2004;  Goreau et al. 1998;  Richardson 1998; Harvell et al. 1999).  In 
particular, Caribbean regions are being hit hard (Gardner et al. 2003).  Stresses can be broken 
into two groups: acute stresses, that are generally short-term events that may cause rapid damage 
and chronic stresses, that generally act over longer time scales and are associated with gradual 
environmental degradation.  Acute stresses include: storm damage and changes in frequency and 
intensity of storm events, El Niño southern oscillation, commercial and incidental destruction, 
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and rapid temperature changes.  Chronic stresses include: sea surface temperature changes, 
changes in ocean chemistry, unsustainable fishing or overharvesting, nutrient and sediment 
loading, ocean acidification, disease and invasive species, changes in ocean and atmospheric 
circulations, and coastal and watershed alterations (Buddemeier et al. 2004).   
Now more than ever it is essential to investigate physiological and ecological responses 
of corals to global climate change and anthropogenic impacts.  However a quantitative and 
qualitative baseline for what constitutes a healthy coral is the first step in doing so.  This study, 
in conjunction with larger studies in our lab, attempts to create a quantitative and qualitative 
baseline for what a healthy coral is, based off cellular density and distribution for the first time.  
This quantitative and qualitative baseline will be vitally important as a comparative standard for 
studying complex environmental and anthropogenic impacts on corals.   
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APPENDIX B: A GUIDE TO CHEMICAL FIXATION 
 
 
When using light or electron microscopy for viewing or imaging cells and biological 
tissue it is necessary that they be preserved, often chemically, to avoid autolysis (self-digestion) 
or invasion of opportunistic organisms such as certain bacteria.  Preservation will cease 
putrefaction and autolysis and ideally will keep the tissue and cells in a condition as close as 
possible to the living state.  A variety of chemical fixation agents are widely used for 
preservation but it is important to chose the ideal agent that will allow good penetration, 
minimizes distortion, and allows for preservation and visibility of tagged cells or tissue layers 
(Samuelson 2007).   
The following three fixatives were chosen for this study based on their ability to preserve 
varying aspects of biological tissues: 1) 70% ethanol, 2) formalin (10% of 37% stock 
formaldehyde, 90% deionized water), and 3) Carnoy’s solution (volumetric ratio of 6:3:1 of 200 
proof ethanol: chloroform: acetic acid).  Chloroform was added to Carnoy’s (which usually is 
just a 1:3 ratio of glacial acetic acid to 100% ethanol) to increase the speed of fixation Carnoy’s 
was chosen for its ability to preserve coral surficial mucus.  Formalin was chosen to preserve 
chromatophores and zooxanthellae because of its ability for coagulate or forming cross-links 
between and within proteins, making them insoluble (Tyler 2003).  Ethanol was chosen as a safe 
agent to effectively store skeleton in until they could be brought back to the lab and tissue was 
removed.   
Each was utilized with a basic passive immersion fixation technique, where coral tissue 
skeletal biopsies were simply submerged in a 10:1 ration of a chosen fixation agent.  Because 
this process can restrict the ability of penetration into the specimen (Samuelson 2007), all 
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biopsies fixed in Carnoy’s solution were vacuum infiltrated using a hand pump and Erlenmeyer 
flask pressurized to 15Hg for one hour to help impregnate the tissue with the fixation agent, after 
which the fixative was decanted and replaced with 100% ethanol.   
Upon arrival back to the IGB, biopsies fixed in Carnoy’s (switched to 70% ethanol in the 
field) were decanted and replaced with fresh 70% ethanol to enhance the ability of passive 
fixation.  Also all biopsies in formalin were washed three times for 15 minutes each with 70% 
ethanol and then stored in 70% ethanol.  This was done because often when tissues are kept in 
strong, harsh preservation chemicals, such as formalin, for too long tissues can become degraded 
over time, thus these chemical agents are often only used for short-term fixation.  All biopsies in 
formalin were switched to 70% ethanol for extended storage with the goal of longer-term 
preservation of key molecular components chromatophores and zooxanthellae.  However 
switching the samples to 70% ethanol caused severe tissue dehydration and shrinkage, which is 
common for alcohol solutions (Tyler 2003), and the loss of the zooxanthellae chlorophyll 
emission producing a Swiss cheese appearance of the coral tissue.  Thus, all samples originally 
in formalin, later replaced with 70% ethanol, were transferred back into formalin and allowed to 
sit for at least 7 days before used for microscopy.  Once transferred back to formalin, coral 
tissues seemed to rehydrate and regain original form but unfortunately zooxanthellae chlorophyll 
emission was never regained for distinct individual zooxanthellae cells, but instead images show 
a non-distinct general red background emission.   
A	  thorough inspection of the effects of formalin and ethanol fixation agents on coral 
biological tissues, particularly their ability to preserve the chromatophores auto-fluorescence and 
chlorophyll emission in zooxanthellae was investigated using live aquarium coral, species 
Montipora, from a local pet shop (Sailfin Pet Shop, Champaign, IL).   
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A live piece of plated coral, species Montipora, was purchased and immediately brought 
back to the lab in sea water (~10 minutes) and fragmented into 5 pieces by hammering it with a 
2.5cm diameter stainless steel C.S.  Osborne & CO.  arch punch No.  149.  One piece was 
imaged immediately after fragmentation with a Carl Zeiss 710 confocal microscope  (Zeiss LSM 
710) with a Spectraphysics Mai-Tai Ti-Sapphire two photon laser live in seawater. 
Results from the imaging show clear auto-fluorescence emission from both 
chromatophores cells (green) and zooxanthellae chlorophyll (red; Fig. 43).  Immediately after 
fragmentation, 3 fragmented pieces were immersed in freshly made formalin (3.7%) using a 
passive fixation technique and left to fixate in a 4°C cooler.  The one remaining piece of coral 
fragment was left to sit in seawater for 2 hours in an induced stressful state.  It was then imaged 
live in seawater.  Results still show clear auto-fluorescence emission from both chromatophores 
cells and zooxanthellae chlorophyll (Fig. 44). 
One fragment was imaged 3 hours after immersion in formalin.  Results show complete 
loss of auto-fluorescence emission from chromatophores cells but well-preserved emission of 
zooxanthellae chlorophyll (Fig. 45).  The same fragment was re-imaged after allowing the tissue 
to sit in formalin for 48-hours and auto-fluorescence emission from chromatophores cells was 
regained and emission of zooxanthellae chlorophyll remains well preserved (Fig. 46).  This 
suggests that using a passive fixation technique, even with tissue only ~1-2mm think, requires 
more time than a few hours (in this study 3 hours) to penetrate through the entire thinness of the 
tissue to preserve key cellular components.   
Finally one fragment was fixed in formalin for 48-hours then switched to ethanol for 14 
days prior to imagining.  Results showed severe tissue dehydration and shrinkage, and the loss of 
the zooxanthellae chlorophyll emission producing a Swiss cheese appearance of the coral tissues 
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very similar to what was seen in our M. faveolata samples (Fig. 47).  Once this fragment was 
transferred back to formalin the tissues seemed to rehydrate and regain original integrity but 
unfortunately zooxanthellae chlorophyll emission was never regained for distinct individual 
zooxanthellae cells, but instead images show a non-distinct general red background emission.   
Thus it is recommended that if trying to preserve the chromatophores auto-fluorescence 
and chlorophyll emission in zooxanthellae to preserve samples in a 3.7% formalin solution and 
not in an alcohol based solution such as ethanol, which causes dehydration, shrinkage, and loss 
of zooxanthellae chlorophyll emission.  Long-term storage of biological tissues in formalin can 
lead to degradation of samples, therefore we advise the immediate use and imaging of samples 
stored in formalin.   
 
Figure 43.  Two-photon laser scanning microscopy image of coral fragment taken in seawater 
immediately after breaking off of mother colony.  Polyps were still alive when the fragment was 
imaged.  Each red dot corresponds to the chlorophyll emission in a single zooxanthellae cell and 
the green is chromatophores auto-fluorescence. 
300	  um 
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Figure 44.  Two-photon laser scanning microscopy image of coral fragment taken in seawater 
after 2 hours and 11 minutes after breaking off of mother colony.  Coral presumably was in a 
stressed state and may or may not have still been alive.   
 
 
Figure 45.  Two-photon laser scanning microscopy image of coral fragment fixed in formalin for 
3 hours.  Fragment was placed in formalin solution immediately after breaking off of mother 
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Figure 46.  Two-photon laser scanning microscopy image of coral fragment fixed in formalin for 
48-hours.  Fragment was placed in formalin solution immediately after breaking off of mother 




Figure 47.  Two-photon laser scanning microscopy image of coral fragment fixed in formalin for 
48-hours then switched to ethanol for 14 days prior to imagining.  Fragment was placed in 
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APPENDIX C: QUICK GUIDE TO THE LI-COR LI-1400 
DATALOGGER FOR MEASURING PHOTOSYNTHETICALLY 
ACTIVE RADIATION (PAR) 
 
 
Compiled by from trial and error and manuals 
 
Introduction: 
 The Li-COR LI-1400 (LI-COR BioSciences; Lincoln, NE, USA) dataLOGGER was used 
in conjunction with the custom clear plexiglass underwater housing (Sexton Photographic; The 
Sexton Company, Salem, OR, USA) and a flat-head underwater quantum sensor (Li92SA; LI-
COR BioSciences; Lincoln, NE, USA) to quantitatively measure photosynthetically active 
radiation throughout these experiments.  The quantum sensor is specifically designed to record 
photosynthetically active radiation ranging from 400-700nm.  Cables, locking sleeves, bulkhead 
connectors (326-00668), and male connectors (9901-036) were also purchased from LI-COR 
BioScience and instulted into the custom housing by the Sexton Company.  All of this equipment 
was transported to and from the study site in a custom-made Pelican 1500 suitcase (Pelican 
Products, Torrance, CA, USA).   
 
Programming the LI-1400 Time and Date: (Details are found in section 3-6 of the LI-1400 
dataLOGGER manual) 
 
1. Press the green “On/Off” button. 
2. Press the green “Setup” button.   
3. Use the right arrow key to cycle through the menu options until you reach “SETUP 
CLOCK "”  
4. Press the green “Enter” button. 
5. The date is entered as current year (4 digits), month (2 digits), and day (2 digits) to 
appear as follows: YYYMMDD 
6. When complete press the green “Enter” button again.   
7. Press the down arrow key and repeat the process to enter the time.  The clock is a 24-hour 
format.   
8. When complete press the green “Enter” button again followed by the green “Esc” button 
to return to the main menu.   
 
Configuring the LI-1400 dataLOGGER to measure PAR with the LI-Cor Light Sensor: 
(Details are found in section 6-7 of the LI-1400 dataLOGGER manual) 
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• To collect PAR data, the dataLOGGER must first be configured to channel I1 for the LI-
COR Quantum Sensor To do this: 
 
1. First connect the LI-COR Quantum Sensor to the I1 (farthest on the left) BNC 
connector on the top of the dataLOGGER.   
2. Press the green “Setup” button.   
3. Use the right arrow key to cycle through the menu options until you reach “SETUP 
CHANNELS"” 
4. Press the green “Enter” button. 
5. Use the right arrow key to cycle through the menu options until you reach “SETUP 
CHANNELS I1=Light"” 
6. Press the green “Enter” button. 
7. Type in “QUANTUM” for the description then press the green down arrow key. 
8. Enter -125 for the multiplier*** then press the green down arrow key. 
9. Type UM for the label  (units measured in) then press the green down arrow key. 
10.  The running average will not by used so can be left at setting then press the green 
down arrow key. 
11.  Use the arrow keys to set the “LOG ROUTINE” to “none”.   
12.  The remaining options do not need to be set for using the Quantum sensor.  Press the 
green “Esc” button twice to return to the Setup menu.   
 
***Notes on the calibration constant:  
The calibration constant was set to -125 UM for this example.  The calibration multipliers 
have the units of µmol of photons s-1 m-2 per microamp and vary based off the calibration of 
each individual sensor.  The calibration constant was set to -125 UM can be left and 
adjusted later in excel or adjusted initially by changing the -125 UM in the dataLOGGER 
BUT different sensors and different environmental conditions (i.e.  taking measurements in 
water vs.  air) require different calibration constants so it is best to leave the calibration 
constant set to -125 UM and adjust the values in an excel spreadsheet later based of sensor 
and environmental conditions you are taking the reading with.  Equipment should be 
calibrated ever 2 years and was last Calibrated on February 21, 2013, which can be found 
on the Certification of Calibration paperwork in the Li-COR box (Consider recalibrating 
Spring of 2015).  Current Calibration Multipliers:  
 
 Calibration Multiplier in Air Calibration Multiplier in 
Water 
LI-192SA Underwater 
Quantum Sensor  
-236.23 UM -311.83 UM 
 
 
Collecting PAR measurements: (Details are found in section 6-7 of the LI-1400 dataLOGGER 
manual) 
 
1. Press the green “On/Off” button. 
2. Press the green “View” button.   
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3. Use the right arrow key to cycle through the menu options until you research “VIEW 
NEW DATA "“ and press the green “Enter” button.  (NOTE: DO NOT USE THE LOG 
SETTINGS.  Using the log setting will set the dataLOGGER to take measurements 
continuously even after the dataLOGGER is turned off eventually filling the small 
memory) 
4. Use the right arrow key to cycle through the menu options until the channel I1I is 
displayed.  It should look like the following:  
 
I1I     Some Number    UM 
 
o It is displaying the instantaneous reading from the quantum sensor measured in the 
unites UM (µmol of photons s-1 m-2 per microamp) 
 
5. To record the light reading at any one moment in time, press the green “Enter” button and 
the data will be logged into the memory of the dataLOGGER.   
 
Viewing recorded PAR measurements on the dataLOGGER: (Details are found in section 7-
1 of the LI-1400 dataLOGGER manual) 
 
1. Press the green “View” button. 
2. Use the right arrow key to cycle through the menu options until you reach “View LOG 
DATA "”  
3. Press the green “Enter” button.   
4. Select “ALL” and then press he green “Enter” button. 
5. Scroll down use the arrow keys to see the time of each reading displayed as follows: 
 
INST   HOURMINUTESECOND 
 
6. To see the PAR reading taken for that time press the green “Enter” button.   
7. To return to the list of measurements, press the green “Esc” button.   
 
  
Clearing the memory of dataLOGGER: 
(Details are found in section 4-30 of the LI-1400 dataLOGGER manual) 
1. Press the green “Fct” button. 
2. Use the right arrow key to cycle through the menu options until you reach “FCT CLEAR 
MEMORY "”  
3. Press the green “Enter” button.   
4. Use the right arrow key to cycle through the menu options and either choose “ALL” to 
clear the entire stored memory or “TO TIME” to clear memory for a certain time.   
5. Press the green “Enter” button.   
 
Complete Shutdown of dataLOGGER: 
(Details are found in section 4-31 of the LI-1400 dataLOGGER manual) 
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• Press the green “On/Off” button puts the LI-COR dataLOGGER into a sleep mode but does 
not fully shout off the logger.  To complete shutdown the logger to a save battery: 
1. Press the green “Fct” button.   
2. Use the right arrow key to cycle through the menu options until you reach “FCT 
SHUTDOWN "”  
3. Press the green “Enter” button.   
4. Use the right arrow key to cycle through the menu options until you reach 
“Shutdown? YES” and press “Enter”. 
 
Before Assembly:  
• Check that the O-ring on the underwater housings is clean, dry, and sufficiently well 
lubricated with no salt or sand grains attached.  The O-ring should be cleaned before each use 
to remove old lubricant and re-greased with a silicate lubricant to create an airtight seal. The 
O-ring should not be gooey but smooth and supple once greased.   
• Along with the O-ring, be certain the door to the underwater housing unit is clean of all salt, 
sand or dirt to create the airtight seal.  
 
 
Assembly of the LI-1400 dataLOGGER and quantum sensor in Custom Housing:  
1. First connect one end of the black cable to the 2-pin bulkhead of the quantum sensor.  
Be sure to properly align the pins with the metal holes inside the black cables to 
ensure no bending or pin damage.   
2. Once the pins are aligned the black cable should snap into place snuggly.   
3. Screw the white plastic sleeves to keep the sensor cable well secured.   
4. Next, attached the other end of the black cable to the 2-pin bulkhead connector on the 
top of the underwater housing.  Be sure to connect the black cable to the same 
channel that is being used to connect to the LI-1400 dataLOGGER.  Be sure to 
properly align the pins with the metal holes inside the black cables to ensure no 
bending or pin damage.  Once the pins are aligned the black cable should snap into 
place snuggly.  Be sure to orient the yellow dot on the bolt matches the small groove 
on the black cable or readings may be inaccurate.   
5. Screw the white plastic sleeves to keep cable well secured.   
6. The blue bendable Loc-Line sensor holder can be snapped into the front of the 
underwater housing to conveniently hold the sensor. 
7. To open the underwater housing apparatus, press down on the release then unlatches 
and slide the top out.   
8. Attach bulk head connector to the same channel on the LI-1400 dataLogger as your 
connected the sensor to the 2-pin bulkhead on the outside of the housing with the 
black cable (if only using 1 sensor use the first channel- channel I1). 
9. Slip the dataLOGGER between the plexiglass supports and secure it down with the 
red Velcro straps.   
10. You must turn the dataLOGGER on and prepare it for collection BEFORE you slip it 
back into the underwater housing case (See Collecting PAR measurements above) 
• NOTE: Once the dataLOGGER is completely sealed in the underwater 
housing the only button that can be accessed with the plexiglass lever on 
the outside of the housing is the green “Enter” button, thus the 
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dataLOGGER must be prepared for collection before the underwater 
housing is sealed.  The meter automatically turns off after 15 minutes of 
inactivity.  Once in the water the underwater housing cannot be reopened 
to turn the dataLOGGER back on so it is important that measurements be 
take at minimum ever 15 minutes to keep the dataLOGGER on at depth.  
Use the lever on the right side on the housing to press the green “Enter” 
button and collect PAR data for that moment.   
 
11. Slide the tray back into the main underwater housing.   
12. Carefully close the latches on the housing simultaneously to unsure even compression 
of the O-ring for a maximum airtight seal. 
13. Remove the red cap from the underwater flat-head quantum sensor.   
14. When taking readings try to orient the top of underwater flat-head quantum sensor 
directly up for each reading to ensure consistency in the readings as the sensor can 
take widely varying readings if the top is pointed in different directions from light 
sources.   
 
Maintenance for the LI-1400 dataLOGGER, underwater housing, and accessories:  
1. The LI-1400 dataLOGGER requires 6 alkaline AA batteries (For details on replacing 
these batteries please refer to section 2-2 of the LI-1400 dataLOGGER manual) 
2. Check that the O-ring on the underwater housings is clean, dry, and sufficiently well 
lubricated with no salt or sand grains attached.  The O-ring should be cleaned before 
each use to remove old lubricant and re-greased with a silicate lubricant to create an 
airtight seal. The O-ring should not be gooey but smooth and supple once greased.   
3. The underwater housing, black cable, quantum flat-head sensor, and any other 
equipment exposed to salt water should be rinsed with freshwater immediately after 
each and every dive.  The corrosive salt water is particularly damaging to the unused 
BNC connectors (channels I2 and I3).  It is important to thoroughly rinse these 
connectors down after each exposure to salt water.  Applying a silicon lubricant to 
these BNC connectors to help avoid contact with salt water and prevent corrosion.   
4. The custom underwater housing is sensitive to shatter due to impact.  It is very 
important not to drop, hit or bump the housing into anything such as rocks or coral 
heads.   
5. The custom underwater housing has a maximum depth of 50 M (165 feet) and should 
not be brought to a depth exceeding this or it may not hold the airtight seal and leak. 
6. The dataLOGGERs internal memory only holds 92,880 bytes of RAM for storing 
data so it is important to download and store the data, and the memory cleared often.   
7.  The LI-1400 dataLOGGER is only water resistant and should be kept clean and dry 
in the field. 
8. The dataLOGGER is only capably of recording measurements every one second.  
When taking multiple measurements consecutively it is important to wait at least one 
second between each time the green “Enter” button is pressed.   
9. When not in use the LI-1400 dataLOGGER and accessories should be kept in a clean, 
cool, and dry environment in the 1500 Pelican case which protects it from damage.   
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Sampling Protocol for measuring PAR:  
1. PAR should be measured in multiples of 5 (5 consecutively measurements) in: Air, 2-10 
cm below the surface of seawater, every 2 m from 0-26m water depth and besides all 
three of the coral heads at each depth we took coral skeletal and tissue biopsies from and 
at each of the three dive sites.   
 
NOTE: The dataLOGGER is only capably of recording measurements every one second.  
When taking multiple measurements consecutively it is important to wait at least one 
second between each time the green “Enter” button is pressed.   
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I. Assembly Diagram for LI-1400 dataLOGGER, Custom Underwater Housing, and 
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